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1. Introduction and scope

Molybdenum enzymes have long been recognized to be impor-
tant in eukaryotes, dating to 1954 and the near-simultaneous
demonstration of molybdenum in xanthine oxidase [1], aldehyde
oxidase [2], and nitrate reductase [3]; molybdenum was subse-
quently identified as a component of sulfite oxidase in 1971 [4].
In the intervening time, and especially in the past decade, our
understanding of the structures and function of these enzymes has
developed to the point where it is possible to speak with confidence
as to the precise manner in which the chemical transformations
catalyzed by these enzyme occur and, in the context of high-
resolution X-ray crystal structures, the specific means by which
reactionrate is accelerated by these biological catalysts. At the same
time, our understanding of the biosynthetic pathway by which
the organic cofactor that accompanies molybdenum in eukaryotic
systems is formed and the process by which molybdenum is incor-
porated and the resultant moiety inserted into apoprotein have
all become increasingly well understood. Finally, new genomics
and proteomics approaches continue to identify new molybdenum-
containing proteins [5].

Historically, molybdenum enzymes from eukaryotes have been
divided into two groups [6]: the xanthine oxidase family that
includes the eponymous enzyme as well as the aldehyde oxi-
dases; and the sulfite oxidase family, including both vertebrate
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and plant sulfite oxidases as well as the plant nitrate reductases.
As indicated in Fig. 1, members of the xanthine oxidase family
possess an LMoY!OS(OH) coordination sphere, where L is a pyra-
nopterin cofactor that coordinates the metal via an enedithiolate
side chain. (While the cofactor is frequently elaborated as a din-
ucleotide in prokaryotic enzymes, most frequently of guanine or
cytosine, in all eukaryotic enzymes examined to date it is found as
the mononucleotide shown in Fig. 1.) By contrast, the sulfite oxi-
dases and nitrate reductase have an LMo'Y0,(S-Cys) coordination
sphere, with the cysteine ligand contributed by the polypeptide.
Although both types of center possess a square-pyramidal coor-
dination geometry with an apical Mo=0 and three sulfurs and an
oxygen in the equatorial plane, it has been pointed out that the ori-
entation of the molybdenum coordination sphere with respect to
the pyranopterin cofactor is opposite in the two families of protein
[7]. With the pyranopterin group oriented to the left of the metal
as shown in Fig. 2, the apical Mo=0 points up for all members of
the xanthine oxidase family, and down for all members of the sul-
fite oxidase family. In addition to these enzymes, several of which
have been investigated for many years, a new protein catalyzing
the oxidative hydroxylation of compounds such as amidoximes has
recently been described in both humans and plants [8,9] which, as
discussed further below, appears to have a distinct molybdenum
coordination sphere and may represent a new family of eukaryotic
molybdenum enzymes.
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Fig. 1. Structures of the molybdenum centers of the xanthine oxidase and sulfite oxidase families of molybdenum enzymes. Upper left, the active site of bovine xanthine
oxidase, upper right, the structure of chicken sulfite oxidase. Shown at bottom is the pterin cofactor (variously referred to in the literature as pyranopterin or molybdopterin)

that coordinates the metal via its enedithiolate side chain.
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Fig. 2. The orientations of the molybdenum centers of xanthine oxidase and sulfite oxidase relative to the coordinated pyranopterin ligand. With the pyranopterin oriented
as shown, the apical Mo=0 (asterisk) of the molybdenum coordination sphere points up in all members of the xanthine oxidase family, and down in all members of the

sulfite oxidase family.
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Fig. 3. The structure of bovine xanthine oxidoreductase. The iron-sulfur-containing domains are shown in blue and green, the FAD-containing domain in yellow, and the two
domains that together constitute the molybdenum-binding portion of the protein are shown in gray. The two monomers are shaded in light and dark to distinguish them.
A, a side view of the dimeric enzyme, in surface representation. B, top view, also in surface representation. C, a side view of the dimer in ribbon representation. D, a close-up
of one monomer, with the approximately linear arrangement of the four redox-active centers shown at right. The edge-to-edge distances between adjacent redox-centers
are given in Angstroms. The structure shown is based on the file 1FO4.pdb for the dehydrogenase form of the enzyme. All structures here and elsewhere are rendered using

PyMOL.

The present account summarizes advances in our understanding
of these systems, with an emphasis on more recent work deal-
ing with structure—function relationships. The reader is referred to
otherreviews that focus on earlier work [6], and to accounts dealing
with structural aspects of these enzymes [10], cofactor biosynthesis
[7,11] and pulsed EPR applications [12] with perspectives different
than that employed here.

2. Xanthine oxidoreductase
2.1. Introduction to structure

The X-ray crystal structures of xanthine oxidoreductase from
bovine milk, in both its dehydrogenase and oxidase forms (utiliz-
ing NAD* and O,, respectively, as substrate), were first reported by
Enroth et al. in 2000 [13], and followed on the earlier report of the
structure of the aldehyde:ferredoxin oxidoreductase from Desul-
fovibrio gigas [14], another member of the xanthine oxidase family
of molybdenum enzymes. The overall structure of the homod-
imeric bovine protein as well as a close-up of the monomer is
given in Fig. 3. Each monomer consists of five domains, from the
N-terminus: two domains each with a [2Fe-2S] ferredoxin-like
cluster, a first with principally B-sheet secondary structure and
resembling the fold seen in spinach ferredoxin, and a second fold
that is principally a-helical; a third domain that possesses FAD (this
domain is absent in the D. gigas enzyme); and two large, C-terminal

domains that together bind the active site molybdenum center at
their interface. The subunit contacts in the dimer are entirely within
the molybdenum-binding portion of the protein, but the molyb-
denum centers themselves are ~50A apart, indicating that the
redox-active centers of the two monomers are well-insulated from
one another. The polypeptide strand makes a single pass in going
from one domain to the next, meaning that not only are the domains
themselves autonomous structural elements of the polypeptide but
that each domain is encoded by a contiguous stretch of the struc-
tural gene for the protein. Such a complex structure has obviously
been built up from simpler elements over the course of evolution,
as reflected by the fact that many bacterial enzymes of the xan-
thine oxidase family are (af3); or (a[3); oligomers, with the Fe/S-
and flavin-containing domains found in separate subunits from the
molybdenum-binding portion of the protein.

Two aspects of the structure of the molybdenum center
as inferred from the initial protein crystallography ultimately
required revision. First, the Mo=S rather than Mo=0 was initially
considered to occupy the apical position of the molybdenum coor-
dination sphere [14]. On the basis of the close similarity of the
magnetic circular dichroism (MCD) of a catalytically relevant Mo(V)
species (that giving rise to the so-called “very rapid” EPR signal,
see below) and model compounds possessing an apical Mo=0,
however, it was concluded that that the Mo=0 must be apical in
the enzyme [15]. This conclusion has subsequently been substan-
tiated in the protein crystal structures of other members of this
enzyme family, in particular the bacterial CO dehydrogenase [16]
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Fig. 4. The active site of bovine xanthine oxidase. Substrate binds between the
Phe 914 and Phe 1009, with the plane of the substrate approximately parallel to
the apical Mo=0 bond. The remaining residues thought to play a prominent role
catalytically are, clockwise from the top, Glu 802, GIn 767, Glu 1261 and Arg 880.

Phe 914

Glu 1261

and quinoline 2-oxidoreductase [17], as well as that of xanthine
oxidase itself trapped with the slow substrate FYX-051 [18]. It is
now generally recognized that the Mo=0 is apical in all enzymes of
the xanthine oxidase family. Second, the equatorial oxygen ligand
was initially thought to be water rather than hydroxide, but sub-
sequent high-resolution X-ray absorption spectroscopy (XAS) has
shown that at a distance of 1.98 A the ligand is a hydroxide [19]. As
discussed further below, the degree of protonation of the equatorial
oxygen has mechanistic implications.

The oxidative hydroxylation of xanthine takes place at the
molybdenum center of the enzyme, which on the basis of X-ray
absorption spectroscopy studies [20,21] becomes reduced and pro-
tonated to an LMo!VO(SH)(OH) center in the course of the reductive
half-reaction of the catalytic sequence. Electrons thus obtained are
passed on to the FAD site, via the two iron-sulfur centers (Fig. 3D),
prior to removal by either NAD* or O, (depending on whether the
enzyme is in the dehydrogenase or oxidase form) in the oxidative
half-reaction of the catalytic sequence. Fig. 4 shows the active site of
xanthine oxidoreductase with several amino acid residues that are
thought to be catalytically important. A 14.5 A-long solvent access
channel ends at a pair of phenylalanine residues (Phe 914 and Phe
1009 in the bovine enzyme) that constrain substrate to a plane
parallel to the apical Mo=O0 group of the molybdenum center; the
Mo-OH projects toward the substrate binding site. In addition to
the two phenylalanine residues, four other active site residues are
universally conserved in prokaryotic as well as eukaryotic xanthine
oxidoreductases and dehydrogenases: Glu 802, Gln 767, Glu 1261
and Arg 880. These residues, with the molybdenum center itself,
define the structural environment in which catalysis takes place.

The two iron-sulfur centers of xanthine oxidase have long been
known to be distinguishable on the basis of their EPR signals [22].
The Fe/S I signal has gq,3=2.022, 1.932, 1.894, with unexcep-
tional linewidths and relaxation properties for a [2Fe-2S] cluster,
while Fe/S 11 has g1 ,3=2.110, 1.991, 1.902, with unusually broad
linewidths and relaxation properties such that it observed only
below 25K [23]. Site-directed mutagenesis studies with a heterol-
ogously expressed rat xanthine oxidoreductase has made possible
assignments of the two distinct EPR signals [24], with Fe/S I aris-
ing from the cluster in the unusual a-helical domain, and Fe/S 11

from the more normal ferredoxin-like domain. This assignment
is consistent with the known coupling of Fe/S I to the molybde-
num center, since this is the [2Fe-2S] cluster that is proximal to
the molybdenum in the crystal structure [25,26].

2.2. The reductive half-reaction

It has been known for many years that water is the ultimate
source of the oxygen atom incorporated into the hydroxyl group
of product in the course of the reaction [27], but that a catalyti-
cally labile oxygen site on the enzyme exists that is the proximal
donor of the hydroxyl group that is introduced into substrate [28].
This catalytically labile oxygen is the equatorial Mo-OH of the
molybdenum coordination sphere [29], a conclusion subsequently
substantiated by the protein crystal structure showing that the
Mo-OH points toward the substrate binding site [13]. It had in fact
been previously suggested on the basis of an examination of the
properties of a series of inorganic model compounds to the enzyme
active site that a Mo-OH might be catalytically labile [30]. Using
the slow substrate 2-hydroxy-6-methylpurine [31], it was shown
that the reaction proceeds through a reduced Mo(IV) species with
product complexed to the molybdenum, which subsequently oxi-
dized to a Mo(V) species giving rise to the catalytically relevant
“very rapid” EPR signal; this latter species had long been recog-
nized to contain product as part of the signal-giving species [32].
The structure of this EPR-active species has been examined by
ESEEM [33], ENDOR [34,35] and finally crystallographically [36];
while the ENDOR data was initially interpreted as favoring a direct
Mo-C bond in the signal-giving species [34], it is now clear that
the signal-giving species is best formulated as LMoY OS(OR), with
OR being product coordinated to the molybdenum via the cat-
alytically introduced hydroxyl group in a simple end-on fashion
[35,36]. The Mo(IV) species that precedes the EPR-active form in
the catalytic sequence is thus LMo!VO(SH)(OR), where OR repre-
sents now-hydroxylated product (uric acid in the case of xanthine
as substrate) coordinated to the molybdenum via the catalytically
introduced hydroxyl group. The Mo-SH proton of the reduced cen-
ter, while solvent-exchangeable, is initially derived from the C-8
position of xanthine that becomes hydroxylated [37].

The pH dependence for both the reductive half-reaction param-
eter Kreq/Kq and the steady-state parameter Kcat/Km of xanthine
oxidoreductase is bell-shaped, reflecting ionizations with pKj,s of
6.6 and 7.4 [38]. These parameters track the reaction of free enzyme
with free substrate through the firstirreversible step of the reaction,
i.e., formation of the LMo'VO(SH)(OR) species. The lower pK; has
been attributed to Glu 1261 acting an active site base analogously
to the reaction mechanism proposed for the D. gigas aldehyde oxi-
doreductase [39], and the higher pK; to substrate itself (reflecting
the fact that enzyme works on the neutral rather than monoionic
form of substrate) [40]. The reaction mechanism of xanthine oxi-
doreductase is thus thought to proceed as shown in Fig. 5 [6,29], via
proton abstraction of the equatorial Mo-OH by the catalytic gluta-
mate residue, with nucleophilic attack of the Mo-O~ thus formed
on the carbon to be hydroxylated and concomitant hydride transfer
to the Mo=S group to give the initial LMo!YO(SH)(OR) intermedi-
ate. It is noteworthy that earlier work with a homologous series of
substituted quinazolines had in fact suggested that the reaction
mechanism involved nucleophilic attack on substrate [41]. That
the catalytically labile oxygen is initially an Mo-OH is important,
since the deprotonated Mo-0O~ is expected to be a much better
nucleophile than a Mo-OH obtained by deprotonation of a Mo-OH,
[19].

The initially formed LMo!VO(SH)(OR) intermediate breaks down
by displacement of product from the molybdenum coordination
sphere by hydroxide from solvent, with electron transfer from the
molybdenum to the other redox-active centers of the enzyme and
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Fig. 5. The reaction mechanism of xanthine oxidase. Catalysis is thought to be initiated by base-assisted nucleophilic attack of the equatorial Mo-OH of the molybdenum
coordination sphere on the C-8 position of substrate, with hydride transfer to the equatorial Mo=S group to give an initial LMoY O(SH)(OR) intermediate. Depending on the
reaction conditions, as discussed in the text, this intermediate breaks down by electron transfer to the other redox-active centers of the enzyme and deprotonation to yield
a Mo(V) species giving rise to the “very rapid” EPR signal, or by hydroxide displacement of product from the molybdenum coordination sphere, followed by rapid electron

transfer out of the molybdenum center.

deprotonation of the Mo-SH to return to the Mo=S of oxidized
enzyme. The sequence in which these events occur depends on
the reaction conditions and the substrate utilized - when partial
reoxidation precedes displacement of substrate, the “very rapid”
LMoY 0S(OR) species is formed. Under most conditions, however,
product dissociation precedes electron transfer out of the molyb-
denum center and the “very rapid” species is by-passed. It has
been shown with both the bovine and chicken enzymes that prod-
uct dissociation is predominantly rate-limiting in the reductive
half-reaction, and the first step of the reaction (leading to the
LMo!VO(SH)(OR) intermediate) is faster by a factor of approxi-
mately 75 [42]. It is also important to bear in mind that formation
of the “very rapid” species, when it does from, is an oxidative event
from the standpoint of the molybdenum center, and that the ini-
tial intermediate is formally a Mo!V species. Although it has been
suggested that the MoV species might be formed directly by direct
one-electron transfer from substrate [43], the lack of correlation
between reduction potential and reaction rate in a homologous
series of substituted purines indicates that this is not likely to be
the case [44].

Notably absent from the catalytic sequence is the species giv-
ing rise to the “rapid” EPR signal (actually, a family of closely
related signals [45-47]) that appear on a slower time scale than
the “very rapid” signal and were long thought to arise from an
intermediate lying downstream from the “very rapid” species in
the catalytic sequence. It has been shown, however, that this sig-
nal possesses bound substrate rather than product, and can be
formed very rapidly and noncatalytically simply by binding sub-
strate to enzyme that has been partially pre-reduced by titration
with sodium dithionite [48]. Although technically a dead-end inter-
mediate from a kinetic standpoint (the molybdenum center cannot
react with substrate until fully reoxidized to the Mo(VI) state), the
“rapid” species is perhaps best thought of as a paramagnetic analog
to the Michaelis complex of the enzyme.

On the basis of a detailed consideration of the non-Arrhenius
behavior of the temperature dependence for the limiting rate con-
stant for enzyme reduction at high concentrations of xanthine,
it has proven possible to obtain values for the microscopic rate
constants for formation and decay of the key LMo!VO(SH)(OR) inter-
mediate of the reductive half-reaction as a function of temperature,
and determine the entropy and enthalpy of activation for each step
[49]. In particular, formation of the intermediate is marked by a
large negative entropy of activation (—70 calmol~! deg—1), reflect-
ing a highly ordered transition state such as might be expected on
the basis of the likely concerted nucleophilic attack/hydride trans-
fer chemistry involved. Interestingly, this leads to a situation where
the relative rate constants for formation and decay of this inter-
mediate reverse over the temperature range 15-50°C; at lower
temperatures breakdown of the LMo!VO(SH)(OR) intermediate by
product dissociation is rate-limiting (consistent with the results of
the isotope effect study referred to above [42] indicating that the

chemical step of the reaction is not rate-limiting), but that at higher
temperatures its formation becomes rate-limiting.

The reaction of models for the molybdenum center of xanthine
oxidase with substrates and substrate analogs has been examined
computationally by several groups, employing density functional
theory (DFT). The first study provided computational support for a
mechanism such as that described above involved a study of the
reaction of an LMoY!OS(OH) complex (with L being butene-2,3-
dithiolate) as a model for the active site and formamide as substrate
(the enzyme is in fact able to hydroxylate formamide to carba-
mate) [50]. In this work, a reaction involving nucleophilic attack on
the substrate carbon, sp% — sp3 rehybridization and finally hydride
transfer was found to lie to considerably lower energy than one
involving insertion of the C-H bond of substrate across the Mo=S
to give an intermediate with a direct Mo-C bond, as had been previ-
ously suggested [34]. Further work provided insight as to the basis
for the catalytic requirement for an equatorial Mo=S. Working with
the same model and formamide as in the earlier study, it was shown
that substitution of a second, equatorial Mo=0 for the Mo=S of the
original model resulted in a 15 kcal/mol increase in the energy of
the transition state in a nucleophilic attack mechanism [51], more
than sufficient to account for the loss of catalytic activity observed
experimentally when the sulfur is lost [52]. Interestingly, substi-
tution of tellurium for sulfur lowered the transition state energy
by 3 kcal/mol, suggesting that a tellurium- or selenium-substituted
form of the enzyme might exhibit even more activity as the native
form. (A selenium-containing member of the xanthine oxidase
family of enzymes, nicotinate dehydrogenase from the anaerobic
soil bacterium Eubacterium barkerii, has recently been character-
ized crystallographically and the reactivity of its LMoY!0Se(OH)
active site examined computationally [53].) The high covalency of
the Mo=S (or, presumably to an even greater degree, Mo=Se) is
principally due to the 1 rather than ¢ interaction between the in-
plane ligand p orbital and the redox-active dyy of the molybdenum
[54,55]. This covalency has the effect of substantially delocalizing
the Mo dyy orbital onto the sulfido group, effectively increasing its
electrophilicity relative to an oxo group and enhancing its reactivity
as a hydride acceptor.

Subsequent computational work has probed whether nucle-
ophilic attack and hydride transfer are concomitant, or whether the
reaction leading to the LMo'VO(SH)(OR) species passes through a
discrete sp3-hybridized intermediate. With aldehydes as substrate,
DFT calculations suggest that a concerted mechanism represents
the lowest-energy pathway for the reaction, while with formamide
as substrate (which is intrinsically less reactive toward nucleophilic
attack) a pathway involving a discrete sp3-hybridized intermedi-
ate occupying a local minimum along the reaction coordinate is
slightly preferred [56]. It was also shown that strategically placed
water molecules (possibly mimicking amino acid residues in the
enzyme active site that could not be effectively included in the
model used in the calculations) greatly facilitated the reaction by
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stabilizing negative charge accumulation on substrate in the course
of the nucleophilic attack. In subsequent work explicitly incorpo-
rating the active site glutamate thought to act as a general base, a
concerted mechanism was considered more likely [57].

In an effort to more realistically incorporate enzyme structural
information into the computational models, a combined QM/MM
approach has been taken, in which the chemical transformations in
the active site are dealt with quantum mechanically, while active
residues not directly involved in bond making and breaking are
treated using molecular mechanics to keep the calculations man-
ageable [58,59]. A large number of combinations of tautomeric
forms for xanthine as substrate, ionization states of active site
residues and alternate substrate orientations have been explicitly
considered, and in all cases the lowest-energy course of the reac-
tion proceeds via base-assisted nucleophilic attack [58]. The precise
manner in which specific amino acid residues contribute to transi-
tion state stabilization depends critically on their ionization state
and the orientation of substrate in the active site. It was concluded
that the most lowest-energy pathway involves an orientation of
substrate with its “distal” C,=0 oriented toward the active site Arg
880, with Glu 802 protonated and hydrogen bonding to the “prox-
imal” Cg=0 [58]. In comparing the barrier heights for the several
reaction pathways, however, the authors did not consider the free
energy required to populate their preferred orientation, which their
own calculations determined to be less stable than one in which
substrate is oriented in the opposite direction, with the Cs=0 ori-
ented toward Arg 880 instead (see below) - the free energy required
to reorient substrate for more “favorable” reaction should properly
be counted as part of the energetic cost of attaining the transition
state. A more detailed treatment of computational approaches to
the reaction mechanism of xanthine oxidase and related enzymes
is considered elsewhere in this issue [60].

2.3. Active site residues

Mutagenesis studies of several of the amino acid residues shown
in Fig. 4 have been undertaken in the past several years. The first
work utilized a heterologous expression system of the Rhodobacter
capsulatus xanthine dehydrogenase in Escherichia coli and focused
on Glu 232 (corresponding to Glu 802 in the bovine enzyme) and
Glu 730 (corresponding to Glu 1261) [61]. Mutation of Glu 232 to
alanine reduced ket in steady-state experiments from 108s~! to
44571 and k.q in the anaerobic reduction of enzyme by xanthine
from 67 to 5.5s71; in the latter experiments, Ky increased from
34 uM to 409 M, reflecting compromised affinity of substrate for
the active site with the mutation. The effect on k,.q and Ky from the
rapid reaction work indicates that the interaction between Glu 232
and substrate provides ~3 kcal/mol of free energy, approximately
half of which is utilized by the enzyme stabilize the transition state
(as reflected in the lower k..q exhibited by the mutant) and half to
bind substrate (as reflected in the higher Ky seen in the mutant).
However, given that the chemical step of the reaction may well have
become rate-limiting in the mutant (while in wild-type enzyme
it probably is not, by a factor of ~75 by analogy to the vertebrate
enzymes) the actual free energy available from the interaction may
be as great as ~5.5 kcal/mol, of which only 1.5 kcal/mol is utilized to
simply bind the substrate. Studies of an E803V mutant of the E. coli-
expressed human xanthine oxidoreductase exhibits a reduction in
kecat from 18571 to 1.3s~! and an increase in Ky, from 8.8 uM to
72 wM [62], consistent with the results with the bacterial enzyme.

The putative active site base Glu 730 (Glu 1261 in the bovine
enzyme) has also been changed to Ala, Asp, Gln and Arg [61]. In no
case was activity detected in steady-state assays, neither were any
of the mutants reduced to any appreciable degree by 100 WM xan-
thine under anaerobic conditions, even in an overnight incubation.
Even taking into account the variable amount of functional molyb-

denum center in the mutants (33-60% in the mutants, as compared
with 76% in the wild-type enzyme), the loss of activity was pro-
found and it was estimated that k.4 has been compromised by at
least a factor of 107 [61]. The implication is that Glu 730/1261 con-
tributes at least 10 kcal/mol toward transition state stabilization in
the enzyme-catalyzed reaction.

Finally, Arg 310 (Arg 880 in the bovine enzyme, and Arg 881
in the human) has been mutated to Lys and Met [63]. While this
residue is more than 8 A away from the molybdenum, the principal
effect of the mutation is a 2000-fold reduction in kg, to 0.002s~1,
indicating that Arg 310 contributes significantly to transition state
stabilization, by at least 4.5 kcal/mol. An R310K mutant exhibits a
much more modest reduction in keq, to 1.6s~1. In separate work
published at the same time, mutation of Arg 881 in the human
enzyme has no detectable activity in steady-state assays [62]. The
loss of reactivity toward xanthine notwithstanding, the R881M
mutant of the human enzyme had considerably more reactivity
toward benzaldehyde as substrate, with both a two-fold lower Ky,
and three-fold higher kcat as compared to wild-type enzyme [62].
Arg 881 is not conserved in the otherwise closely related aldehyde
oxidases (see below), and it is evident that this reside confers sub-
strate specificity that distinguishes the two subfamilies of enzyme.

On the basis of the above, it is evident that Glu 802, Glu 1261
and Arg 880 (in the bovine enzyme) all contribute to rate accel-
eration in the reaction catalyzed by xanthine oxidase, Glu 1261
profoundly so, and the question is how specifically they do so. Glu
1261 is widely considered to act as an active site base as discussed
above [38,39]. On the basis of the calculated relative stabilities
of several tautomers of free xanthine and the purine ring in the
LMo!VO(SH)(OR) intermediate, it has been suggested that Glu 232
accelerates reaction rate specifically by facilitating a tautomeriza-
tion of the heterocycle in the course of nucleophilic attack that
involves proton transfer from N3 to Ng of the purine ring and serves
to compensate for the negative charge accumulating on the imida-
zole subnucleus of the purine in the course of the reaction [64],
as illustrated in Fig. 6, Top. With regard to Arg 880, it has been
suggested that this residue is also involved in stabilizing negative
charge accumulation on the heterocycle in the course of nucle-
ophilic attack by interacting with the “proximal” C-6 carbonyl of
the pyrimidine subnucleus of substrate, as shown in Fig. 6, Bot-
tom. The proposed roles proposed for Glu 802 and Arg 880 depend
critically on the orientation of substrate in the active site. With
the purine ring constrained by Phe 914 and 1009 to a plane paral-
lel to the apical Mo=0, two orientations are possible as shown in
Fig. 7A. In the first orientation, Glu 802 and Arg 880 are positioned
to function as described above, and to bind as shown in the sec-
ond orientation compromises their contribution to transition state
stabilization and rate acceleration. Indeed, in a homologous series
of purine substrates (all hydroxylated at same position as is xan-
thine) substrates fell into two groups on the basis of their structures
and reactivity with xanthine oxidase: effective substrates for wild-
type enzyme (including xanthine) that had a Cg=0 or Cg=S group
were profoundly affected by the R310M mutation, while poorer
substrates for wild-type enzyme without such a group were mini-
mally affected by the mutation [63]. It was proposed that the poor
substrates lacking a functional group able to interact effectively
with Arg 880 bound in the less effective orientation, accounting for
why they were not affected by mutation Arg 880 to Met.

The first crystallographic evidence as to substrate orientation
in the active site came from the structure of the reduced R. cap-
sulatus xanthine dehydrogenase in complex with alloxanthine, a
mechanism-based inhibitor of xanthine oxidoreductase that has
long been known to form a very stable complex with the reduced
form of the enzyme [65]. In the crystal structure [66], alloxanthine
is oriented in the active site as shown in Fig. 7B, with a direct
bond between N-2 of the pyrazole subnucleus of the inhibitor and
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Fig. 6. Proposed catalytic roles for Glu 802 and Arg 880. Top, Glu 802 serving to facilitate tautomerization of the heterocycle in the course of nucleophilic attack [61]. Bottom,
Arg 880 serving to stabilize negative charge accumulation on the heterocycle in the course of the reaction [63].

the molybdenum, and the pyrimidine subnucleus oriented with
its “distal” keto group pointing toward Arg 310. In the structure,
however, there is a direct bond between the pyrazole nitrogen and
metal, and the heterocycle thus sits closer to the molybdenum in
the active site than would substrate in the Michaelis complex. The
question is whether in the somewhat more removed position like-
lier for bound substrate in the Michaelis complex, the more stable
configuration is inverted compared to that seen in the alloxanthine-
complexed enzyme, with the “proximal” rather than “distal” keto
group of the pyrimidine subnucleus interacting instead with the
active site arginine.

Subsequently, X-ray crystal structures of the bovine enzyme
in complex with a variety of substrates and substrate analogs
have been examined in an effort to address the issue of substrate
orientation in the active site. With the poor substrate 2-hydroxy-6-
methylpurine, the structure shown in Fig. 7Cis seen (at a resolution
of 2.3A) [36], with clear bridging electron density between the
molybdenum and C-8 of the heterocycle, reflecting progression
through the catalytic sequence to the LMo!VO(SH)(OR) interme-
diate or its LMoYOS(OR) oxidation product (probably the latter
since the observed Mo-S distance of 2.0 + 0.2 A suggesting a Mo=S
rather than Mo-SH ligand, for which a distance on the order of
2.4 A would be expected). The orientation of substrate, and in par-
ticular the Mo- - -C distance of 3.4 A, are consistent with the ESEEM
[33]and ENDOR [35] studies of the “very rapid” Mo(V) species. The
asymmetry of the electron density for the coordinated product(2,8-
dihydroxy-6-methylpurine) in the active site clearly indicates that
it is oriented with the “distal” keto group of the pyrimidine subnu-
cleus toward Arg 880, and is within hydrogen-bonding distance of
it at 3.1 A. 2-hydroxy-6-methylpurine is a poor substrate for xan-
thine oxidase and the observed orientation has been interpreted as
being that of the less effective catalytic orientation shown in Fig. 7A.

The nonfunctional desulfo form of the enzyme in complex
with xanthine (originally at 2.6 A resolution, Fig. 7D), and of the
functional form in reaction with the pteridine substrate lumazine
(originally at 2.2 A resolution, Fig. 7E) have also been reported [67].

Both these heterocycles are “good” substrates and in both struc-
tures the orientation of the pyrimidine subnucleus is opposite that
seen with the poor substrate 2-hydroxy-6-methylpurine, with the
“proximal” rather than “distal” keto group oriented in each case
toward the active site Arg 880. It has been concluded that this
represents the more catalytically effective orientation on the basis
of the argument above. Both structures have been subsequently
been resolved to better than 1.8 A resolution, and the asymmetric
electron density of substrate remains clearly defined. It has been
concluded (controversially, see below) that purine substrates do
indeed bind to xanthine oxidase in two different ways, with the
more catalytically effective orientation such that Glu 802 is indeed
positioned appropriately to function catalytically in facilitating tau-
tomerization between N-3 and N-9, and Arg 880 by stabilizing
negative charge accumulation on the C-6 carbonyl of substrate in
the course of nucleophilic attack.

An alternative interpretation to the above mutagenesis work is
that purine substrates always bind with the pyrimidine ring ori-
ented as seen in the crystal structure of enzyme in complex with
alloxanthine. While the chemical course of the reaction is identical
to that shown in Fig. 5, the several active site residues are assigned
different roles in substrate binding and rate acceleration. In such
an orientation (Fig. 8), Glu 802 cannot be involved in protonating
the imidazole subnucleus of the heterocycle, and it has been sug-
gested instead that Glu 1261 dos so after having abstracted the
Mo-OH proton [62]. Glu 802 is instead proposed to be protonated
and hydrogen bonding to the proximal C-6 carbonyl group of sub-
strate. This alternate interpretation is supported by the QM/MM
work described above [58], but again the question is whether the
relative activation barriers for the two substrate orientations were
properly gauged in this work.

Xanthine oxidase not only hydroxylates xanthine at C-8 to give
uric acid, but also hypoxanthine at C-2 to give xanthine. The role
of amino acid residues in catalysis of C-2 has been probed in
an examination of the crystal structures of bovine xanthine oxi-
dase in complex with hypoxanthine (at 1.8 A resolution) and the
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toward the molybdenum center, respectively [68].
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chemotherapeutic agent 6-mercaptopurine (at 2.6 A resolution)
[68]. For each substrate, different orientations are observed in the
two active sites of the crystallographic asymmetric unit (containing
one protein dimer). One orientation is appropriate for hydroxyla-
tion at C-2 of substrate, leading to xanthine or 6-thioxanthine as
product (Fig. 7F), the other has C-8 oriented toward the active site
molybdenum center (Fig. 7G), as if to give 6,8-dihydroxypurine.
Kinetic work done in conjunction with the crystallography has
demonstrated that hypoxanthine is hydroxylated essentially quan-
titatively at C-2, indicating that if hypoxanthine does indeed bind in
an orientation that permits hydroxylation at C-8 the reaction must
proceed only very slowly [68]. The apparent enzyme selectivity for
C-2 over C-8 with hypoxanthine has been attributed to a combina-
tion of relatively subtle differences in substrate orientation in the
active site and differences in the intrinsic reactivity of the two sites
[68]. This work also demonstrated that the preferred tautomer of
hypoxanthine with N-9 of the imidazole subnucleus is (modestly)
more stable than that with N-7 protonated. This being the case, Glu
802 is positioned as shown in Fig. 9 to facilitate tautomerization and
negative charge stabilization in the course of nucleophilic attack,
this time from N-9 to N-3 (the reverse sense as proposed in the
hydroxylation of xanthine at C-8). Similarly, Arg 880 is positioned
to again stabilize negative charge accumulation. A comparison of
the effects of mutation of Glu 803 and Arg 881 of human xanthine
oxidoreductase with xanthine and hypoxanthine as substrate indi-
cates that Arg 881 plays the more important role with xanthine
as substrate, but Glu 803 has the greater role catalytically with
hypoxanthine as substrate [62].

‘0. .0
X
Glu 564

Fig. 9. Proposed roles of Glu 802 and Arg 880 in the hydroxylation of hypoxanthine.
With substrate oriented for hydroxylation at the C-2, Glu is positioned to facilitate
proton tautomerization from the imidazole to the pyrimidine subnucleus (left), and
Arg 880 to interact with the C¢=0 carbonyl (right).
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2.4. Intramolecular electron transfer

Because reducing equivalents enter xanthine oxidoreductase
at its molybdenum center and depart via the flavin, it has long
been recognized that intramolecular electron transfer is an inte-
gral aspect of turnover, and the distribution of reducing equivalents
among the enzyme’s four redox-active centers assumed to be rapid
and determined by their relative reduction potentials [69]. Electron
transfer within the bovine enzyme has been examined by both pH-
jump [70,71] and pulse radiolysis [72,73] methods. In the former
studies, advantage is taken of the greater pH dependence of the FAD
and molybdenum reduction potentials relative to the iron-sulfur
clusters to perturb the distribution of reducing equivalents among
the several centers simply by mixing partially reduced enzyme in
dilute buffer at one pH with more concentration buffer at another
(under strictly anaerobic conditions). It was observed that the rate
of equilibration between the iron-sulfur clusters (principally Fe/S
1) and FAD increases monotonically from 155s~! at pH 6 to 330s~!
at pH 9 (with iron-sulfur reduction favored at the higher pH); the
activation energy for the equilibration process observed decreased
from 19.8 kcal/mol to 8.7 kcal/mol over the same pH range [70]. The
observed solvent kinetic isotope effect on the observed equilibra-
tion was subsequently determined to be large, 6.9, and the linear
dependence of the observed rate constant on mole fraction of D,O
indicated that the effect involved a single proton [71]. Given the
known relative reduction potentials of the centers involved (from
which the ratio of the microscopic forward and reverse rate con-
stants could be determined) and the observed rate constant for
equilibration of reducing equivalents (representing the sum of the
forward and reverse rate constants) it was possible to calculate the
forward and reverse rate constants explicitly in both H,0 and D,O0,
with the finding that the isotope effect was much larger for the
FADH® — Fe/S lox electron transfer event rather than the reverse
process. It was concluded that the N5-H proton of the neutral flavin
semiquinone was in motion as the system traversed the electron-
transfer transition state, meaning that electron and proton transfer
were concomitant - this was attributed to the destabilization of the
FAD*~ anionic semiquinone by the protein environment, meaning
that protonation prior to electron transfer was thermodynami-
cally unfavorable [71]. Approximately half of the statically observed
spectral change was observed kinetically in these pH jump exper-
iments, with calculations indicating that a second equilibration
involving Fe/S I and the molybdenum center occurred in the 1 ms
dead-time of the stopped-flow apparatus. In subsequent pulse radi-
olysis studies, electrons were rapidly introduced into the enzyme
using radiolytically generated methylnicotinamide radical at the
molybdenum center [72]. At pH 6.0, rapid electron transfer to the
iron-sulfur centers occurred with a rate constant of 8500s~1, with
a subsequent process associated with electron transfer from the
iron-sulfur centers on to the flavin at 125s~! (in good agreement
with the pH jump work). The observation of Mo — Fe/S — FAD elec-
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tron transfer in the protein was subsequently substantiated with
the X-ray crystal structure of the protein, which showed the two
iron-sulfur centers intervening between the molybdenum center
and FAD.

The behavior of xanthine oxidase in pH jump experiments,
implicating concomitant electron/proton transfer involving the
iron-sulfur centers and FAD, contrasts with that exhibited by other
flavin- and iron/sulfur-containing systems such as trimethylamine
dehydrogenase (which contains a [4Fe-4S] iron-sulfur cluster and
a covalently linked FMN [73]). In this protein, while the observed
solvent isotope effect on intramolecular equilibration is again
large, a plot of the observed rate constant versus mole fraction
D,0 indicates the involvement of multiple protons in the elec-
tron transfer event [74]. Furthermore, reductive titrations over
the pH range 6-10 provide clear evidence for uncoupling of the
protonation/deprotonation equilibria with the electron transfer
event, and taking explicitly into account the FMNH,; = FMNH~
and FMNH® = FMN°* -~ ionizations it is possible to accurately repro-
duce the rather complicated pH dependence of the observed rate
constant for redox-equilibration assuming intrinsically very rapid
electron transfer over the 4.5A separating the two redox-active
centers [73]. The different behavior of trimethylamine dehydroge-
nase and xanthine oxidase has been attributed to the fact that the
former does not thermodynamically destabilize the anionic forms
of the flavin, allowing deprotonation to precede electron transfer
out of the flavin [75].

2.5. Biomedical aspects

Xanthine oxidoreductase catalyzes two hydroxylation steps of
the purine degradation metabolic pathway, i.e., hypoxanthine to
xanthine and xanthine to uric acid, utilizing either NAD* or O,
[47], and as indicated above, it occurs in two forms: xanthine
dehydrogenase, which prefers NAD* as the substrate, and xanthine
oxidase, which prefers O, [76,77]. Historically, the dehydrogenase
and oxidase have been studied as distinct enzymes. The oxidase
form is typically isolated from mammalian sources, such as cow’s
milk [78,79], whereas the dehydrogenase form is obtained from
other organisms, such as chicken [80,81], insects [82] and bacte-
ria [6,66]. It is clear, however, that even the mammalian enzyme
exists predominantly as the dehydrogenase form under normal
physiological conditions in the cell, but can be converted to the
oxidase form during extraction or purification, either irreversibly
by proteolysis or reversibly by oxidation of cysteine residues to
disulfide bonds [83-87]. In some cases, xanthine dehydrogenase
from other organisms can be reversibly converted to the oxidase
form [88-91]. The mechanism of the dehydrogenase:oxidase con-
version has been thoroughly elucidated in the past decade by means
of a range of techniques, including X-ray crystal structure analy-
sis of various mutants, and it has become clear that the protein
environment influences the reactivity of the FAD toward different
substrates through substantial conformational changes triggered
by modifications located far from the cofactor [92]. This conver-
sion is mechanistically highly sophisticated, as will be described
below, suggesting that it is not simply an artifact but rather is
physiologically significant. An important physiological role for
mammalian xanthine oxidoreductase in milk secretion is suggested
by the results of gene knockout experiments, in which otherwise
healthy female mice are seriously dysfunctional in lactation [93].
As the conversion from dehydrogenase to oxidase occurs only in
mammals, and most of the enzyme in secreted mouse milk is in
the oxidase form (Kusamo et al., unpublished), it is possible that
conversion the dehydrogenase to an oxidase plays some as-yet
identified role in the milk secretion process. In addition to its well-
established role in purine metabolism, the dehydrogenase:oxidase
conversion has been postulated to play an important role in the

pathology of post-ischemic reperfusion injury in humans, involving
the generation of reactive oxygen species superoxide and peroxide
[76,77], and possibly hydroxyl radical.

Human diseases associated with genetic dysfunction of xan-
thine oxidoreductase are termed xanthinuria, because of excretion
of xanthine in urine [94]. Patients also often have low levels of uric
acid (less than 1 mg/dl) in blood. While mammals other than pri-
mates cannot survive xanthinuria due to kidney damage resulting
from xanthine stones in the urinary tract [93,95], human xanthin-
uria patients generally do not show severe symptoms [94]. There
are three types of xanthinuria, designated I-III. Type I xanthinuria
is due to a defect in the gene encoding xanthine oxidoreductase
that renders the protein non-functional or unstable; Type II xan-
thinuria involves a double deficiency of xanthine oxidoreductase
and the closely related aldehyde oxidase (see below) that is the
result of a defect in the molybdopterin sulfurase gene, the product
of which catalyzes sulfuration of the molybdenum centers of the
two enzymes [96], which is essential for catalytic activity; Type III
xanthinuriainvolves a triple deficiency of xanthine oxidoreductase,
aldehyde oxidase and sulfite oxidase, due to a defect in the synthe-
sis of the molybdopterin/pyranopterin cofactor common of all three
enzymes. This extremely seriously condition involves a number of
problems associated with the central nervous system, and except
in very rare cases [148] leads to death within the first year. In uri-
coteric animals such as birds and reptiles, xanthine dehydrogenase
is involved in the pathway for nitrogen secretion, in which several
equivalents of ATP are utilized in IMP biosynthesis. The enzyme
thus plays a role in the recovery of energy expended for de novo
synthesis of purine [ 76]. Indeed, NADH produced by xanthine dehy-
drogenase is utilized as an energy source in some bacteria [97]. In
fruit flies, xanthine dehydrogenase is transported from fat bodies
or Malpighian tubules to the eye, where it is involved in the biosyn-
thetic pathway leading to the eye pigment drosopterin [98]; genetic
lesions in the xanthine dehydrogenase gene give rise to the well-
studied rosy phenotype, so named because of the distinctive eye
color of flies unable to make drosopterin.

Xanthine oxidoreductase inhibitors: Human xanthine oxidore-
ductase is the target of drugs for treatment of hyperuricemia and
gout [99-101]. Inhibition at the molybdenum center is important
from a therapeutic viewpoint, because many proteins containing
flavin or iron-sulfur cofactors exist in the human body, and if
they were also inhibited, there might be deleterious side effects.
On the other hand, only four molybdenum-containing enzymes
are known in humans (xanthine oxidoreductase, aldehyde oxidase
and sulfite oxidase discussed above, plus the newly discovered
mARC systems, see below). As described above, deficiency of these
enzymes, except sulfite oxidase [94,102], does not cause severe
symptoms. Further, the active site of sulfite oxidase is quite dif-
ferent from that of xanthine oxidoreductase, and cross-inhibition
generally does not occur. As inhibitors of xanthine oxidoreductase
that target the molybdenum center also inhibit formation of reac-
tive oxygen species generated by the enzyme, they might also be
effective in the treatment of other diseases related to reactive oxy-
gen species, although no clinical treatment based on this principle
presently exists. It should be noted, however, that from a metabolic
point of view inhibition of xanthine oxidoreductase results in an
increase of IMP synthesis via the hypoxanthine phosphoribosyl
transferase-dependent salvage pathway; this leads to feedback
inhibition of de novo IMP synthesis owing to the inhibition of phos-
phoribosylpyrophosphate (PRPP) synthetase and glutamine PRPP
amidotransferase by IMP [100,101], which improves the effective-
ness of the inhibitors for gout therapy.

Many anti-cancer drugs are purine analogues and can be
metabolized by xanthine oxidoreductase, so combined adminis-
tration of chemotherapeutic agent and enzyme inhibitor needs
to be monitored carefully, as greater drug efficacy can lead
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Fig. 10. Crystal structures of bovine milk xanthine oxidoreductase bound with potent inhibitors. A, alloxanthine; B, Y-700; C, TEI-6720; and D, FYX-051.

to greater toxicity [101]. Several potent inhibitors have been
well characterized, including X-ray crystal structure analysis
of the protein-inhibitor complex. Inhibitors can be classified
into three types: mechanism-based, structure-based and hybrid
types. Allopurinol (4-OH-pyrazolo[4,4-d]pyrimidine), a hypoxan-
thine isomer, was first synthesized by Robbins [103] and was
introduced by Elion as a potent inhibitor of xanthine oxidore-
ductase more than 40 years ago [101]; it has been extensively
prescribed for gout and hyperuricemia and is a generally well-
tolerated drug, although minor side effects such as gastrointestinal
irritation have been reported. Allopurinol, a mechanism-based
inhibitor, is oxidized by xanthine oxidoreductase and the product
alloxanthine (4,6-di-OH-pyrazolo[4,4d]pyrimidine) binds tightly
to the reduced molybdenum center of the enzyme [65]; there-
fore, it is a kind of suicide inhibitor. The crystal structure of
the alloxanthine-complexed form of bovine milk xanthine oxi-
doreductase has been determined at 2.1 A resolution [104]. The
features are very similar to those reported for bacterial xan-
thine dehydrogenase bound with allopurinol, determined at 3A
resolution [66]. Clear electron density is observed between allox-
anthine and the molybdenum atom. The N2 nitrogen replaces
the equatorial hydroxyl ligand of the molybdenum, coordinating
directly to the metal (Mo-N distance, 2.3A). Moreover, allox-
anthine forms hydrogen bonds with Glu 802, Arg 880 and Glu
1261 of the enzyme, which are essential for the catalytic reaction
[see Section 2.3]. Thus, it was supposed that the apical allox-
anthine nitrogen atom replaces the catalytically labile Mo-OH
ligand, with stabilizing hydrogen bonds to these three residues.
This complex, however, decomposes slowly (t;, =300 min at 25°C)
accompanied with spontaneous reoxidation [65]. The non-purine
analogs Febuxostat (TEI-6720; (2-[3-cyano-4-isobutoxyphenyl]-
4-methyl-5-thiazolecarboxylic acid) [105] and Pyranostat (Y-
700; 1-[3-cyano-4-(2,2-dimethylpropoxy)phenyl]-1H-pyrazole-4-
carboxylic acid) [106] are structure-based inhibitors that have
recently been developed. The crystal structures of the enzyme in
complex with these compounds indicate that the inhibitors bind
in the solvent access channel to the active site and have multi-
ple interactions with various amino acid residues along the access
channel (Fig. 10); consequently, they inhibit the enzyme activity
with extreme low K; values (e.g., mixed-type inhibition with K;
120 pM and K/ 0.9 nM for TEI-6720) [105]. FYX-051 (4-[5-pyridin-
4-yl-1H-[1,2,4]triazol-3-yl|pyridine-2-carbonitrile), a hybrid-type

inhibitor, is a slow substrate which forms a covalent complex in
the purine substrate channel. The electron density map at 1.9 A res-
olution clearly shows that the Mo=S group found in the oxidized
enzyme is protonated to Mo—SH (Mo-S distance, 2.4 A) upon reduc-
tion of the molybdenum center [18]. The bridging electron density
represents a bridging oxygen, derived from the Mo-OH group of
the oxidized enzyme at the apex of the bent electron density, and
the Mo-0 and C2-0 distances are 2.0 A and 1.3 A, respectively, with
an Mo-0-C angle of 152°. The latter is a typical C-O distance for a
hydroxylated six-membered ring. FYX-051 also has various inter-
actions with amino acid residues in the substrate binding site and
solvent access channel, being similar to Febuxostat in this respect.
As FYX-051 has features of both mechanism-based inhibition and
structure-based inhibition, it is expected to inhibit the enzyme
strongly even in the absence of covalent bond formation [107].
Xanthine dehydrogenase to xanthine oxidase conversion: In the
course of catalysis, reducing equivalents introduced into the
enzyme at the molybdenum center from the purine substrate are
transferred rapidly via the two [2Fe-2S] centers to the FAD cofac-
tor, where the reduction of NAD* or molecular oxygen occurs [see
Section 2.4]. Thus, conversion from xanthine dehydrogenase to
xanthine oxidase has mainly to do with the conformation of the FAD
domain, although the trigger sites are located some distance from
the FAD itself [92]. In the xanthine dehydrogenase conformation
the half-potential of the FAD/FADH* couple is significantly higher
than that for the FADH*/FADH, couple, indicating that the flavin
semiquinone is thermodynamically stabilized [108-111]. The prin-
cipal product of flavin with O, substrate is hydroquinone, with a
lower second-order rate constant for FADH® to give O, ~ as the prod-
uct, instead of H,0, in the case of FADH,, which has a higher rate
constant [76,77]. This accounts, at least in part, for the lower reac-
tivity of FAD of xanthine dehydrogenase with O, with production of
more O,~ as compared with xanthine oxidase. On the other hand,
binding of NAD* lowers the reduction potential of the FAD, facili-
tating electron transfer from the reduced FADH; to NAD* [76,77].
In the oxidase configuration, the lower affinity for NAD* and lower
stability of the semiquinone as compared with the dehydrogenase
configuration account for the higher reactivity toward O, [76,77].
Based on the three-dimensional folding of the FAD domain,
the protein belongs to the so-called PCMH (p-cresol methylhy-
droxylase) family of flavoproteins. The FAD binds in an extended
conformation in a deep cleft and the si-face of the isoalloxazine
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Fig. 11. Crystal structures around FAD cofactor of xanthine dehydrogenase and xanthine oxidase forms of bovine milk xanthine oxidoreductase. FAD is shown in yellow
color stick model, while iron-sulfur centers and unique amino acid cluster are shown in space fill model. (left) Xanthine dehydrogenase form, A-loop is shown in red-purple
color with important residues (atom color) (right) xanthine oxidase form, A-loop is shown in green color with important residues (atom color).

ring is easily accessible to solvent. This also allows the nicotinamide
ring of NAD" align parallel to the isoalloxazine ring. The re-side of
the FAD is sterically occluded and is not solvent accessible. One of
these amino acids, Phe 337 in the bovine milk enzyme, is conserved
in all known xanthine oxidoreductase sequences; its benzene ring
forms a - stacking interaction with the pyrimidine subnucleus
of the isoalloxazine ring. The phenylalanine, however, is replaced
by non-aromatic residues in several obligate oxidases, e.g., leucine
in most mammalian aldehyde oxidases [112].

The difference between the crystal structures of the dehydro-
genase and oxidase forms of the bovine enzyme is associated with
a change in the location of a polypeptide loop from Gln 423 to Lys
433 [13] on the si side of the isoalloxazine ring of the FAD. In the
dehydrogenase configuration (Fig. 11, left), the side chain of Asp
429 is close to Cg of the flavin ring. With no positively charged
residue nearby, Asp 429 provides a strong negatively charged envi-
ronment for the FAD. The electrostatic potential is dramatically
changed once the enzyme adopts its xanthine oxidase conforma-
tion, in which the conformation of this loop is quite different. Asp
429 moves away from the flavin ring and the guanidinium group of
Arg 426 replaces it, approaching to within 6.3 A of the isoalloxazine
ring (Fig. 11, right). This reversal of the electrostatic potential sur-
rounding the redox-active part of the FAD accounts for the changes
in biochemical and biophysical properties of the FAD that are asso-
ciated with conversion of the dehydrogenase to the oxidase. The
dislocation of the loop also blocks NAD* from approaching the
FAD, thereby obstructing NAD* binding in the oxidase configura-
tion. Another important structural difference is found in a unique
cluster of four amino acids, Arg 335, Trp 336, Arg 427 and Phe 549
(bovine enzyme), which are held together by mr-cation interactions
in the dehydrogenase configuration (Fig. 11, left) that are disrupted
in the oxidase configuration [113].

The sites of proteolysis and formation of disulfide bonds that
accompany the irreversible and reversible conversion of the dehy-
drogenase to the oxidase configuration, respectively, have been

identified in rat xanthine oxidoreductase [114], and are most
likely the same in the bovine enzyme because of the highly sim-
ilar primary and three-dimensional structures [77,92]. The residue
numbers given here are those for the bovine enzyme. The mod-
ification sites related to the conversion are in the linker peptide
between the FAD and molybdenum domains (residues 532-589),
the within the FAD domain (residues 226-531) and within the
molybdenum domain (residues 590-1316). Proteolysis involves
cleavage after Lys 551 and Lys 569 by trypsin and pancreatin,
respectively, and disulfide bridge formation between Cys 535 and
Cys 992, although the C-terminal peptide, which is involved in
the slow conversion, was suggested to assist the NAD* binding
[114].

As the crystal structures of both the dehydrogenase and oxi-
dase forms of the bovine enzyme have been have been determined
[13], the functional changes can be correlated with the underlying
three-dimensional structures. The long linker peptide connecting
the FAD and molybdenum domains contains not only the primary
proteolytic cleavage site, but also one of the cysteine residues
involved in disulfide bond formation that is associated with the
dehydrogenase-to-oxidase transition [92,114]. Therefore, it seems
reasonable to assume major changes in the arrangement of amino
acids in this stretch of polypeptide can acts as a trigger for the trans-
formation. The R335/W336/R427/F549 mr-cation cluster seems to
be at the center of a relay system [113]. Tight interactions between
these residues seem to be crucial for the stabilization of the xan-
thine dehydrogenase form of the enzyme. Proteolysis, leading to
increased mobility of the linker peptide, or disulfide formation,
induces a conformational change that breaks Phe 549 out of this
ensemble [113]; mutation of Trp 336 has an equivalent effect [115].
During these conformational changes, the cluster appears to act not
only as a transmitter of modification at the linker peptide, but also
as a solvent gate. Disruption of the cluster is transmitted to the loop
described above, whose reorientation drives the conversion from
dehydrogenase to oxidase.



R. Hille et al. / Coordination Chemistry Reviews 255 (2011) 1179-1205 1191

2.6. ABA3 and sulfuration of xanthine oxidoreductase and
aldehyde oxidase

It has been known for more than 40 years that xanthine oxidase,
aldehyde oxidase and other members of the xanthine oxidase fam-
ily possess a specific sulfur atom that can be abstracted by cyanide
treatment in the form of thiocyanate, which leads to inactivation
of the respective enzyme [52]. It was not until the functional and
desulfo forms of xanthine oxidoreductase were compared by XAS,
however, that the nature of the sulfur as a Mo=S was established
[116]. It was also known that, in contrast to xanthine oxidoreduc-
tase and aldehyde oxidase, sulfite oxidase was not susceptible to
cyanide treatment, indicating a fundamental difference between
the enzymes [117,118]. While it proved possible to reconstitute the
desulfo xanthine oxidoreductase with sulfur in vitro by incubation
with sulfide under strongly reducing conditions [119], little was
understood about how this sulfur was incorporated into enzyme
under physiological conditions.

The first clue as to how sulfur incorporation occurred came from
characterization of the fruit fly maroon-like (ma-I) mutant. Due
to the reduced ability to form the red eye pigment drosopterin,
these mutant flies are characterized by a readily detected maroon-
like eye color that is the result of lost xanthine oxidoreductase
activity [120]. In addition to xanthine oxidoreductase, the activi-
ties of aldehyde oxidase [121] and pyridoxal oxidase [122] were
pleiotropically lacking in ma-lI mutants, attributable ultimately
to the requirement of a terminal sulfur ligand of the molyb-
denum cofactor by these proteins. In contrast, sulfite oxidase
was unaffected in ma-I flies and it was concluded sulfite oxi-
dase did not require a terminal sulfur ligand [123]. As shown
later by the biological nit-1 reconstitution assay, which is based
on the reconstitution of a cofactor-free apo-nitrate reductase by
a cofactor-containing extract of any origin, ma-I flies possessed
wildtype-levels of molybdenum cofactor, excluding the possibility
of a mutation in molybdenum cofactor biosynthesis [124]. Instead,
it was assumed that ma-l mutants had a lesion in post-translational
sulfuration which was essential for the activity of xanthine oxidore-
ductase, aldehyde oxidase and pyridoxal oxidase, but not of sulfite
oxidase. By reconstituting the activities of xanthine oxidoreduc-
tase, aldehyde oxidase and pyridoxal oxidase in extracts of ma-I
flies by sulfide/dithionite treatment it was shown that the muta-
tion indeed affected the incorporation of sulfur into the cofactor
of these enzymes [125]. These findings demonstrated that the sul-
furation and activation of xanthine oxidase family enzymes were
genetically controlled.

A phenotype similar to ma-l mutant flies is exhibited by
the Aspergillus nidulans hxB (hypoxanthine non-utilizer, gene B)
mutant, which is unable to grow on hypoxanthine or nicotinate
as sole nitrogen source due to the simultaneous loss of xanthine
oxidoreductase and nicotinate hydroxylase activities [126,127]. In
contrast to these enzymes, nitrate reductase is not affected in hxB
mutants as its molybdenum center, like that of sulfite oxidase,
does not require a terminal sulfur ligand. Thus, as with the fruit
fly ma-I mutants, A. nidulans hxB mutants affect the enzymes of
the xanthine oxidase family whereas enzymes of the sulfite oxi-
dase family are unaffected. The ma-I locus in fruit fly and the
hxB locus in Aspergillus proposed to encode proteins designated as
“molybdenum cofactor sulfurases”. Cloning and in silico analysis
of the ma-I and hxB cDNAs revealed that eukaryotic molybde-
num cofactor sulfurases consist of two domains, an NH,-terminal
domain with similarities to bacterial cysteine desulfurases and a
C-terminal domain, whose function was unknown [128]. Inter-
estingly, although the biosynthetic pathway for molybdopterin is
highly conserved between pro- and eukaryotes, the sulfuration sys-
tems - XdhC and ABA3, respectively - have proven to be quite
distinct (see below).

Mutations resulting in deficiencies in the molybdenum cofac-
tor sulfurase gene have been described in cattle [95], humans
[96,129,130], silkworm [131], tomato [132], tobacco [133], and
Arabidopsis thaliana [134-138]. Although all these mutants are
characterized by essentially identical biochemical phenotypes, i.e.,
by reduced or abolished activities of xanthine oxidase family
enzymes with activities of sulfite oxidase family enzymes left unaf-
fected, the pathology is significantly different in animals and plants.
As indicated above, molybdenum cofactor sulfurase deficiency
in animals, in particular mammals, is referred to as xanthinuria
type II, an autosomal-recessive disease primarily caused by the
loss of xanthine oxidoreductase activity. Affected individuals are
characterized by reduced levels of uric acid in serum and urine
with concomitant accumulation of xanthine and hypoxanthine. In
humans, xanthinuria type Il only rarely leads to xanthine stones in
the kidney, urinary tract infection and acute renal failure [139]. On
the other hand, the genetic lesion results in early death in other
mammals, such as cattle [95]. Symptoms that can be attributed to
the loss of aldehyde oxidase activity have not been reported as yet
and at present xanthinuria type Il is distinguished from xanthinuria
type I (the isolated deficiency of xanthine oxidoreductase due to a
mutation in the structural gene) by means of the allopurinol loading
test [140]. In contrast to animals, molybdenum cofactor sulfurase-
deficiency in plants is due principally to impaired aldehyde oxidase
activity, and mutants, e.g., from tobacco [133], tomato [132] and A.
thaliana [96,129,130] exhibit aberrant stomatal control, excessive
water loss, a wilty phenotype, reduced seed dormancy, and reduced
stress tolerance. All symptoms are caused by reduced levels of
the plant hormone abscissic acid, which is synthesized by a spe-
cific aldehyde oxidase by oxidation of the abscissic acid precursor
abscissic aldehyde [141].

Although cDNA encoding molybdenum cofactor sulfurases has
been isolated from several organisms [96,95,131,142,143], detailed
biochemical information is available only for the molybdenum
cofactor sulfurase ABA3 from A. thaliana. ABA3 is a homodimeric
protein consisting of two ~92kDa monomers, each being sub-
divided into two domains [141]. The NH;-terminal domain of
~56kDa shares significant similarities to the bacterial cysteine
desulfurases SufS, NifS, and IscS, which provide sulfur for a num-
ber of cellular processes such as iron-sulfur cluster biogenesis. Like
the bacterial cysteine desulfurases, the NH,-terminal domain of
ABA3 possesses a pyridoxal-5’-phosphate cofactor, which is cru-
cial for the activity of the protein in which sulfur is abstracted from
L-cysteine [143,144]. The sulfur is transferred to a conserved cys-
teine residue of the protein (Cys 430) as a persulfide, which can
easily be removed by reduction and transfer to other thiol groups.
Recent experiments with the heterologously expressed NH,- and
C-terminal domains of ABA3 indeed suggest that the sulfur is
only transiently bound to Cys 430 and is subsequently transferred
to a second cysteine residue in the NH;,-terminal domain and
finally to two surface-exposed cysteine residues in the C-terminal
domain [Lehrke, M., Mendel, R.R., and Bittner, F., unpublished data].
Together with the finding that the 35kDa C-terminal domain of
ABA3 binds molybdenum cofactor in its sulfur-free as well as in
its sulfurated form [145], these observations indicate that the C-
terminal domain acts, minimally, to: (i) bind the desulfo form of the
cofactor and (ii) insert the sulfur into the molybdenum coordina-
tion sphere of the ABA3-bound cofactor. It remains unclear whether
ABA3 finally activates its target enzymes xanthine oxidoreduc-
tase and aldehyde oxidase by transferring only the sulfur, which
is bound to the molybdenum cofactor of the C-terminal domain, or
by transferring the entire sulfurated molybdenum cofactor to xan-
thine oxidoreductase and aldehyde oxidase. In the first case, the
C-terminus would exclusively act as a scaffold for the assembly of
a molybdenum-sulfur center, which releases the sulfur and passes
it to the desulfo-molybdenum cofactor of xanthine oxidoreductase
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and aldehyde oxidase. Afterwards, the ABA3-bound molybdenum
cofactor would again be in the desulfo-form and could take another
sulfur from the NH;,-terminal domain. In the second case, the reac-
tion catalyzed by ABA3 would be an exchange reaction in which
desulfo molybdenum cofactor of xanthine oxidoreductase and
aldehyde oxidase is replaced by sulfurated molybdenum cofactor
from the C-terminal domain. ABA3 would exchange the desulfo-
molybdenum cofactor of its target enzymes, with the extracted
desulfo cofactor regenerated with sulfur provided by the NH,-
terminal domain. Although at first appearing unlikely, the second
alternative must be seriously considered since the ABA3-bound
cofactor can be removed without disturbing the protein’s integrity
(e.g., by anion exchange chromatography), and at the same time is
tightly bound by cofactor-free ABA3 when provided exogenously
[145]. This suggests that the cofactor is bound to the surface of the
C-terminal domain of ABA3 rather than in a deeply buried bind-
ing pocket as is found in members of the xanthine oxidase family.
In support of this, a cofactor-binding motif around a strictly con-
served arginine residue (Arg 723 in A. thaliana, Arg776 in Homo
sapiens) within a “FRXN” sequence has been identified by analysis
of mutations in the molybdenum cofactor sulfurase gene in plants
[145] and humans [130]. Although a crystal structure is still lacking,
computational analysis indeed predicts this motif to be localized on
the surface of the C-terminal domain of molybdenum cofactor sul-
furases. Such binding mode would not only support sulfuration of
the ABA3-bound cofactor but could also be a prerequisite for cofac-
tor supply or exchange reactions as discussed in Section 2.6 above.

2.7. Molybdenum cofactor insertion

The manner in which the deeply buried molybdenum center
of xanthine oxidase and related enzymes is incorporated into the
apoprotein has been of continuing interest over the past decade.
Very recently, Hall and Hille (unpublished) have identified a very
highly conserved ~125 amino acid region of the crystallographi-
cally characterized bovine enzyme (Fig. 12, A-D), whose rotation
into a new position opens a channel that might plausibly provide
access to the binding site for the cofactor in the apoprotein (com-
pare Fig. 12B with Fig. 12D). At the same time, this motion appears
to create a structural motif that may be recognized by the inser-
tion machinery of the cofactor. Upon energy-minimization, this
putative “open” configuration is stabilized by specific interactions
between the two hinge regions in the homo(apo)dimer, includ-
ing a pair of electrostatic interactions between Glu 1092 of one
subunit and Arg 1099 of the other, as well as a hydrogen bond
between Thr 1095 of each subunit (Fig. 12E). In the “open” con-
figuration, the two hinge domains swing together and close a large
groove on the surface of the dimer, and assemble to form a single
structural element that has a relatively flat, solvent-exposed sur-
face from which two capping motifs protrude at either extreme
(Fig. 12C, red). These regions together may constitute a recognition
site for the ABA3/HMCS insertion machinery when in the “open”
configuration. The cap motifs of the hinge region are extremely
acidic, suggesting that the complementary portion of the insertion
machinery is positively charged. Importantly, while the two new
channels to the cofactor binding sites of the dimer lie on opposite
sides of the now merged hinge domains, they lie on the same face
of the overall dimer, an orientation that could allow the dimeric
insertion machinery to insert the two molybdenum centers simul-
taneously into both subunits of the dimer.

The newly created channel (seen immediately to the lower right
of the red hinge region in the righthand subunit of Fig. 12D) in each
subunit lies on the opposite side of the cofactor binding site from
the substrate access channel to the active site. The implication is
that the molybdenum center must be inserted “molybdenum first”,
entering from what has conventionally been understood to be the

back side of the protein structure. The pyranopterin ring portion
of the mature molybdenum center enters next (its distal amino
group lies close to, and possibly hydrogen bonds, one of the cys-
teine ligands to the nearer [Fe-2S] cluster in the adjacent domain
of the protein [16]), followed last by the side chain phosphate of
the cofactor. In the Oligotropha carboxydovorans CO dehydrogenase
[149], another member of the xanthine oxidase family that pos-
sesses an elaborated cytosine dinucleotide form of the pyranopterin
cofactor, the cytidine portion of the cofactor extends toward the
protein surface sandwiched between the (now collapsed) walls of
the putative cofactor access channel identified here [16]. The phos-
phate group of the molybdenum center, once inserted, appears to
play an important role in triggering closure of the cofactor access
channel, by means of an interaction with the positively charged
amino terminus of the longer a helix of the hinge region.

In prokaryotic members of the xanthine oxidase family, there
is a 19-residue insert in the cap motif of the hinge region that is
absent in eukaryotic enzymes, and a second 20-residue insert else-
where on the dimer surface near the hinge domain [146]. These
inserts may also be involved in recruiting of the cofactor insertion
machinery, and their absence in the eukaryotic enzymes suggests
that the manner in which the insertion machinery interacts with
apoprotein may differ in its structural details between prokaryotes
and eukaryotes. The interested reader is referred to other contri-
butions to this issue for a fuller description of cofactor biosynthesis
and insertion in prokaryotes [147] and eukaryotes [148].

3. Aldehyde oxidase
3.1. Gene distribution in animals and higher plants

The vertebrate aldehyde oxidases are closely related to the xan-
thine oxidoreductases described above, sharing very similar overall
protein architectures, overlapping substrate specificities and the
requirement for a catalytically essential Mo=S group in the molyb-
denum coordination sphere. Given the difficulty in isolating the
enzyme in quantity from liver, however, much less work has been
done with aldehyde oxidase as compared to the xanthine-utilizing
enzyme. Still, as discussed further below, it is widely considered
that the overall mechanism of aldehyde oxidation proceeds essen-
tially identically to that described above for xanthine oxidation,
with base-assisted nucleophilic attack of a Mo-OH on the sub-
strate carbonyl, with hydride transfer to the Mo=S to yield the
two-electron reduction of the molybdenum center. Interestingly,
the mammalian aldehyde-oxidizing enzymes are always found as
the oxidase - there is no example of a eukaryotic aldehyde dehy-
drogenase utilizing NAD™" as oxidizing substrate.

In mammals, the copy number for genes encoding aldehyde oxi-
dases (AOX) and aldehyde oxidase homologs (AOH) is variable:
humans have a single-copy Aox1 gene and no Aoh genes, while most
rodent genomes that have been examined possess one Aox1 gene
and three genes Aoh1-3 encoding proteins that differ very mod-
estly in amino acid sequence from one another and from AOX;
the intron/exon structure of these genes is also highly conserved,
reflecting the gene duplication events from which they arose [150].
Mammalian aldehyde oxidases oxidatively hydroxylate a variety
of drugs, particularly aromatic heterocycles, but the physiologi-
cal substrate(s) remain unknown. The enzyme has been ascribed
arole in the conversion of retinaldehyde to retinoic acid [151], but
this requires comment. Retinoic acid plays a critical role in limb
development in vertebrates during embryogenesis, yet individu-
als with a genetic lesion in the molecular apparatus that sulfurates
xanthine oxidase and the aldehyde oxidases have relatively minor
clinical symptoms and no evident developmental abnormalities
[96,129,130]. A mouse knockout for the Aoh2 gene has been gener-
ated[152],and the individuals are seen to have developed normally,
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Fig. 12. Putative hinge regions involved in providing access to the molybdenum cofactor binding site of apo xanthine oxidase from bovine milk. A, a surface representation
of the dimeric holoenzyme with subunits shaded light and dark, respectively, with the putative hinge regions in red. The perspective is along to the non-crystallographic C,
axis of symmetry for the molecule. B, The holoenzyme viewed from the side. C, A surface representation of the energy-minimized “open” configuration of the apoprotein,
viewed along the non-crystallographic C, axis of symmetry. D, The energy-minimized “open” structure from the side, illustrating the large channel (seen to the lower right
of the red hinge region in the righthand subunit of Panel D) opened after the hinge regions have been rotated out of position, as described in the text. The position of the
pterin cofactor is indicated in the subunit on the right. E, a close-up of the hinge regions in the putative “open” configuration, viewed along the non-crystallographic C, axis
of symmetry. The spontaneously formed electrostatic interactions between Glu 1092 of one subunit and Arg 1099 of the other, the hydrogen-bonding interaction between

Thr 1095 of the two subunits that could stabilize the putative “open” structure.

and even are fertile. On the other hand, retinoid metabolism in
specific tissues (most notably the skin) is perturbed and retinoid-
dependent genes are generally down-regulated, suggesting that
AOH2 is involved in the local biosynthesis and biodistribution of
retinoic acid in the affected tissues. Other unrelated retinaldehyde
dehydrogenases are thought to be involved in the ontologically
critical biosynthesis of retinoic acid [150].

There are two to four genes encoding aldehyde oxidases in
higher plants [150], encoding enzymes that catalyze the final steps
in the biosynthesis of the important plant hormones abscissic acid
and indole-3-acetic acid. In each case, the reaction catalyzed rep-
resents the oxidative hydroxylation of the respective aldehyde to
the bioactive carboxylic acid. In A. thaliana there are four genes,
AO0X1-4[153,154], with AOX3 specifically involved in abscissic acid
biosynthesis in leaves (but not seeds) [153,155]. In Pisum sativum,

there are three genes encoding aldehyde oxidases, Psaox1-3, the
last appearing to encode a stress-specific abscissic aldehyde oxi-
dase [156]. None of the plant enzymes have been studied in great
detail at a biochemical level, but by analogy to other enzymes of
this family considerable overlap in substrate specificity among the
plant aldehyde oxidases is to be expected. It is likely that the spe-
cific physiological roles of the gene products is due more to the
manner in which gene expression is regulated in different plant
tissues under different physiological conditions rather than to the
intrinsic substrate specificity of the proteins encoded.

3.2. Protein structure and reaction mechanism

Although the first X-ray crystal structure of a member of the
xanthine oxidase family to be obtained was that of the alde-
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hyde:ferredoxin oxidoreductase from D. gigas [14], no crystal
structure has been reported for a eukaryotic aldehyde oxidase.
Since the eukaryotic aldehyde oxidases have much stronger
sequence homology to the eukaryotic xanthine oxidoreductases
than to the bacterial aldehyde-oxidizing enzyme (not least because
the latter lacks an FAD-containing domain), the better starting point
for understanding the active site structure of the aldehyde oxidases
is the structure of the eukaryotic xanthine-utilizing enzyme. A com-
parison of the amino acid sequence of bovine, murine and human
aldehyde oxidase genes with the bovine, human and mouse xan-
thine oxidoreductases allows some comparisons [6,152]. Referring
to Fig. 4, the following amino acid residues are conserved between
the mammalian xanthine- and aldehyde-utilizing enzymes: Gln
767, Phe 914 (that which stacks flat rather than side-on against
bound substrate) and Glu 1261. Glu 802 of xanthine oxidase is a
valine in the aldehyde oxidases (except in murine AOH1, where it is
Ala) and Phe 1009 of xanthine oxidase is conserved in murine AOH1
and 3, but is a Leu, Ile or Val in the other four aldehyde oxidases.
Finally, Arg 880 in xanthine oxidase is a Met in the proper aldehyde
oxidases, or Phe/Tyr in the murine AOH forms. Given the specific
catalytic roles in xanthine hydroxylation that have been proposed
for Glu 802 [64] and Arg 880 [63], their lack of conservation in the
aldehyde oxidases is to be expected.

Absent evidence to the contrary, and given the strict conser-
vation of the glutamate residue thought to function as a general
base, the reaction mechanism for the aldehyde oxidases is consid-
ered to be analogous to that described above for other members
of this enzyme family, with base-assisted proton abstraction from
the equatorial Mo-OH group initiating catalysis [39]. This is fol-
lowed by nucleophilic attack on the carbonyl carbon of substrate
with concomitant hydride transfer to the Mo=S group, through a
tetrahedral transition state [157] in which the C-0 bond of product
is ~90% formed and the C-H bond of substrate ~80% broken in the
transition state. Although the reaction is thought to involve nucle-
ophilic attack on the highly activated carbonyl carbon and proceed
through the same type of LMo'"VO(SH)(OR) intermediate as seen
with xanthine oxidase, no EPR signal equivalent to the “very rapid”;
EPR signal seen with xanthine oxidase has been seen with aldehyde
oxidase [158]. Human aldehyde oxidase oxidizes a spectrum of aro-
matic heterocycles in addition to aldehydes, as mentioned above,
and many of these are therapeutically important — a DFT approach
to understanding reactivity of the enzyme, in the context of a reac-
tion initiated by nucleophilic attack on substrate, has successfully
accounted for the experimentally observed regioselectivity of sub-
strate hydroxylation for a number of aromatic heterocycles [159].
Recently, human aldehyde oxidase has been cloned and heterolo-
gously expressed in E. coli, and while expression levels were modest
sufficient protein was obtainable to undertake steady-state kinetic
studies [160]. Enzyme activity on a series of substituted quinazo-
line substrates analogous to that used previously with xanthine
oxidase [41], gave the same general trend in reactivity (with the
notable exception of the nitro derivative, which was found not to
be an effective substrate for aldehyde oxidase).

4. Sulfite oxidase
4.1. Introduction to structures of plant and animal enzymes

The eukaryotic sulfite oxidases and other members of this family
of molybdenum enzymes differ fundamentally from the xanthine-
and aldehyde-utilizing enzymes described above in two regards:
(1) their molybdenum centers possess two Mo=0 groups and a cys-
teinyl ligand to the metal, LMoY'0,(S-Cys); and (2) the chemistry
catalyzed is a simpler oxygen atom transfer reaction rather than a
carbon center hydroxylation involving cleavage of a C-H bond. The
X-ray crystal structures of sulfite oxidase from both a vertebrate

(chicken) [161] and a plant (A. thaliana) [162] have been deter-
mined. Considering first the chicken enzyme (Fig. 11), each subunit
of the homodimer consists of an N-terminal heme-containing
domain with strong sequence and structural homologies to ver-
tebrate cytochromes bs, followed by a 12-15 residue long tether
connecting the heme domain to the molybdenum-containing
domain, which has a mixed o/f3 fold unique to this family of pro-
teins, and finally a C-terminal domain that constitutes the dimer
interface and possesses a 3-sandwich fold typical of the C2 subtype
of the immunoglobin superfamily of proteins (but lacks a disulfide
bond thatis an otherwise conserved structural feature of these pro-
teins). As in the xanthine oxidase family of molybdenum enzymes,
the redox-active centers of one subunit are well-separated from
those of the other, some 38 A at closest approach (molybdenum-
to-molybdenum). In the crystal structure, the two heme domains
of the dimer do not occupy the same orientation relative to their
respective molybdenum subunits, and the hemes themselves are
both >30A from their respective molybdenum centers - clearly
domain motions are critical to electron transfer between molyb-
denum and heme within each subunit (see below).

By contrast to all vertebrate sulfite oxidases, the A. thaliana
enzyme lacks a heme domain [163], although the remainder
of the protein closely resembles the corresponding parts of the
chicken enzyme [162], as shown in Fig. 13. The structure of the
molybdenum-binding portion of the protein appears to represent
an evolutionarily ancient motif that has remained highly conserved
despite sometimes low sequence identity among proteins [164].
The fact that the A. thaliana sulfite oxidase possesses no redox-
active sites other than the molybdenum center has made it possible
to examine the molybdenum center of the enzyme spectroscopi-
cally without complications arising from more strongly absorbing
chromophores [165]. The absorption spectrum of the oxidized
enzyme has absorption bands at 480 and 360 nm, both of which
exhibit positive ellipticity in the circular dichroism spectrum. Both
bands bleach upon reduction of the enzyme, with a single weak
shoulder at 400 nm. These spectral features corroborate those pre-
viously seen for the molybdenum-containing proteolytic fragment
of chicken sulfite oxidase [166].

The active site of chicken sulfite oxidase (in its reduced form)
is shown in Fig. 12A. In addition to an LMo!VO(OH)(S-Cys!83)
molybdenum center (with an elongated equatorial Mo-O bond
interpreted as reflecting at least a single protonation to Mo-OH), a
cluster of highly conserved residues consisting of Arg 138, Arg 190,
Trp 204, Tyr 322 and Arg 450 surrounds a bound product sulfate
molecule and clearly defines the substrate binding site. The sulfate
lies near the equatorial oxygen of the molybdenum coordination
sphere. The corresponding active site residues of the (oxidized)
plant enzyme are Arg 51, Arg 103, Trp 117, Tyr 241 and Arg 374
(Fig. 12B). Interestingly, with no sulfate in the structure of the
(oxidized) plant protein [58], Arg 374 is found in a substantially dif-
ferent configuration than the corresponding Arg 450 of the chicken
enzyme, facing away from the substrate binding cavity rather than
into it. From a comparison of the two structures, it appears that Arg
374/450 swings into place only when the substrate binding site is
occupied. Subsequent crystallographic studies of the recombinant
chicken enzyme in the absence of substrate have demonstrated that
Arg 450 does indeed swing away form the substrate binding site in
the absence of bound sulfate [167]. In the absence of sulfate, chlo-
ride occupies the binding site, interacting with Arg 190 and Trp 204.
Unexpectedly, in the R138Q mutant (equivalent to the R160Q vari-
ant of the human protein identified clinically) Arg 450 faces into
the substrate binding cavity, even in the absence of sulfate. As dis-
cussed further below, this appears to represent a “blocked” form of
the enzyme.

A C207S mutant of the rat enzyme has been prepared, in which
the Cys coordinating the molybdenum is replaced by a Ser. The
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Fig. 13. Structures of the sulfite oxidase from chicken (top) and A. thaliana (bottom).

mutant exhibits a perturbed UV-vis absorption spectrum and a
2000-fold reduction in specific activity [168]. An examination of
the mutant by XAS has concluded that the oxidized molybdenum
center of the mutant protein possesses an LMoY'03 core, and that
Ser 207 in the mutant does not coordinate the metal [169]. Subse-
quently [170], it has been shown that potentiometric titration of the
C207S mutant yields a reduced center with a single Mo=0 group as
determined by XAS, with the serine now presumably coordinated
to the metal to give a LMo'VO(OH)(O-Ser) species. The Mo-OSer
bond appears to persist in the Mo(V) valence state at pH 6.0, which
has an EPR signal with g7 , 3 of 1.9789, 1.9654, 1.9545, significantly
shifted from the values seen with wild-type enzyme (g 2 3 =2.0037,
1.9720,1.9658;[171]). Proton coupling is evident, but much weaker
in the EPR signal of C207S mutant than is the case with wild-
type enzyme [170]. More recently, Cys 185 of the chicken enzyme
(equivalent to Cys 207 of the human enzyme) has been mutated
to both Ser and Ala, and the variants comprehensively examined
by X-ray crystallography and XAS [172]. The LMo"!05 core is con-
firmed in the oxidized centers of both mutants, and neither could
be reduced by sulfite to any appreciable degree. Interestingly, in
the C185S mutant (but not the C185A mutant) Tyr 332 and the
31-residue loop on which it resides (residues 310-340) are dis-
ordered in the X-ray crystal structure, except for a short stretch
that is found in a different configuration than seen in the wild-

type enzyme. Clearly, there is some rearrangement in the vicinity
of the active site upon mutation of Cys 207 to Ser. The interested
reader is referred to another contribution to this issue for a more
detailed discussion of the role of Cys in dictating the detailed elec-
tronic structure and reactivity of the active site of sulfite-oxidizing
enzymes [173].

The molybdenum center of sulfite oxidase lies considerably
closer to the protein surface than does that of xanthine oxidase,
and the process of cofactor insertion appears to be more straight-
forward. Using a heterologously expressed apo form of the human
enzyme, an in vitro system consisting of an isolatable intermediate
in the pyranopterin biosynthetic pathway (termed “Precursor Z"),
the sulfur-charged MoaDE MPT synthase from E. coli and molybdate
is sufficient to reconstitute sulfite-oxidizing activity in the apoen-
zyme [174]. The data indicate that MPT synthase synthesizes MPT,
and stabilizes it against air reoxidation. Molybdate is apparently not
incorporated into the cofactor until after transfer of MPT to the apo
sulfite oxidase. Neither MogA and MoeA, two gene productsinE. coli
that have long been thought to play a role in molybdenum insertion
into the maturing cofactor, nor their eukaryotic homolog gephyrin
are required in this in vitro system, possibly because of the rela-
tively high molybdate concentrations utilized. It remains likely that
these auxiliary proteins are essential for efficient cofactor insertion
into apo sulfite oxidase at physiological concentrations of molyb-
date. The interested reader is again referred to other contributions
to this issue for a more detailed discussion cofactor biosynthe-
sis, maturation and insertion in prokaryotes [147] and eukaryotes
[148].

4.2. The reductive half-reaction

Using a density functional approach, Hall and co-workers
[175,176] have provided considerable insight into the reactivity
toward oxygen atom transfer of LMoO,, clusters of the type found in
the active site of sulfite oxidase. The key element is the interaction
between the lone pair of a suitable oxygen atom acceptor (a phos-
phine was used in the computational work) a 7* orbital of one of
the two Mo=0 groups (this is the equatorial Mo=O0 in the enzymes,
which is oriented directly at the substrate binding pocket in the
protein structure). With phosphine as acceptor in the computa-
tional study, P-0 bond formation results in loss of the 1 interaction
between the molybdenum and oxygen that is under attack, lead-
ing to formal two-electron reduction of the molybdenum. The two
Mo=0 groups of the oxidized complex compete for 7 ligation with
the same set of molybdenum d orbitals, and the loss of the sec-
ond Mo=0 group in the course of the reaction allows the first to
interact more strongly with the molybdenum - an interaction that
involves one o and two 7 interactions in a formal triple bond. This
recoups some of the enthalpic cost of cleaving a strong metal-oxo
bond, and labilizes the oxo group in what has been referred to as
the “spectator oxo” effect [177].

Sulfite oxidase has been proposed to function in a similar
fashion to that described above for the MoO, model compounds
[178], a conclusion supported by a computational study of the
enzyme’s molybdenum center in which the reactivity of the equato-
rial oxygen of the molybdenum coordination sphere is specifically
activated for oxygen atom transfer [179]. That the enzyme likely
reacts in this way is reflected in its reactivity toward dimethylsul-
fite, a substrate analog in which the oxyanion groups of substrate
have been blocked by methylation, leaving only the sulfite lone
pair to participate in the reaction. In a rapid-reaction kinetic anal-
ysis of both sulfite and dimethylsulfite, the dependence of ks on
[substrate] in both cases is hyperbolic, and while the K for sub-
strate increases over 300-fold upon methylation (to 11 mM from
33 wM), the limiting rate of reduction at saturating concentrations
of substrate is essentially unchanged (194s-! for sulfite, 170s!



1196 R. Hille et al. / Coordination Chemistry Reviews 255 (2011) 1179-1205

for dimethylsulfite) [180]. With control experiments undertaken
to ensure that reactivity of dimethylsulfite was not due to slow
hydrolysis to sulfite in aqueous solution, the following conclu-
sions can be drawn: the oxyanion groups of sulfite contribute some
3 kcal/mol toward substrate binding, but are not the only forces
that contribute to enzyme affinity for substrate (since k,,s shows a
hyperbolic dependence on [dimethylsulfite]); once the binding site
is saturated at sufficiently high substrate concentration, the reac-
tion proceeds at the same rate with dimethylsulfite as with sulfite,
meaning that the oxyanion groups are not involved in accelerating
the rate of the chemical step of the reaction by, for example, directly
coordinating to the molybdenum. Thus, despite the fact that direct
oxygen atom transfer has not been demonstrated in the literature
this mechanism is now generally accepted.

Reaction of the vertebrate sulfite oxidases with sulfite results
in the two-electron reduction of the enzyme, and although the
enzyme is not fully reduced (which requires three reducing
equivalents) the reaction cannot proceed further as electrons are
introduced in pairs in the oxidation of sulfite the molybdenum
center. Reoxidation of the enzyme involves transfer of the two
catalytically introduced electrons individually from the molybde-
num center to the heme site of the enzyme, followed by reaction
with cytochrome c at the heme site to reoxidize the sulfite oxidase.
This reaction is consistent with the known subcellular localization
in the intermembrane space of the mitochondrion, with reducing
equivalents from sulfite thus entering the respiratory chain. A com-
parison of the pH dependence of both the reductive and oxidative
half-reactions of the catalytic sequence indicates that under most
conditions the reductive half-reaction (i.e., the reaction of anaero-
bic, oxidized enzyme with sulfite) is predominantly rate-limiting,
but that particularly at low pH the oxidative half-reaction (the
reaction of reduced enzyme with cytochrome c) becomes partially
rate-limiting [181]. In this study, k.4, the limiting rate of reduction
at high [sulfite], was essentially pH-independent at 200s~1, while
kieq/Kq (reflecting the bimolecular reaction of free substrate with
free enzyme in the low [sulfite] regime) exhibited a sigmoidal pH
dependence with a pK, of 9.3, reflecting the ionization of a func-
tional group that must be protonated for the reaction to proceed;
this pK,; was tentatively assigned to Tyr 322 in the active site.

Subsequently, the steady-state and rapid-reaction Kkinetic
behavior of human sulfite oxidase, both wild-type enzyme and a
Y343F mutant, has been examined (Tyr 343 in the human enzyme
corresponding to Tyr 322 in the chicken enzyme) [182]. Both
the holoenzyme form and the molybdenum fragment alone were
examined. The behavior of the wild-type holoenzyme enzyme
closely mimics that previously seen for the chicken enzyme, as
expected. The effects of the mutation in the holoenzyme can be
summarized as follows: (1) both kcac and keat/Km in steady-state
analysis are only modestly affected, the principal effect being shifts
of ~1 pH unit in one limb of the bell-shaped pH profile - the
maximum values for the two kinetic parameters are essentially
unchanged at 255! and 4.5 x 106 M1 s~1, respectively; (2) the pH
profile for ko4 from rapid reaction studies following enzyme reduc-
tion by reduction of the heme is independent of pH at ~80s~! for
the wild-type holoenzyme, but with the mutant is base-catalyzed,
increasing from 5s~! at low pH to a maximum value above 60s~!
above pH 9.5 with an apparent pK; > 10; and (3) keq/Km is acid-
catalyzed for both wild-type and mutant holoenzyme, both with
a pK; of 7.7 meaning that the ionization evident in the pH profile
for wild-type enzyme cannot be due to Tyr 343 (or Tyr 322 in the
chicken enzyme). With the molybdenum fragments alone, there
is only a modest effect of the mutation on kg (both ~2000s~!
at pH 7) but Ky increases by approximately an order of magni-
tude (from 186 .M to 1.6 mM). The faster rate constants seen with
the fragment as compared to the holoenzyme has been attributed
to extremely rapid formation of a Mo!V* sulfate giving rise to the

spectral change being followed in the experiment, with subse-
quent electron transfer on to the heme being rate-limited by sulfate
release in the case of the holoenzyme [182]. On the basis of this
interpretation, Tyr 343 appears to contribute to substrate binding
and also to facilitate product dissociation so that subsequent elec-
tron transfer out of the molybdenum center can occur. In both cases
the amount of free energy involved is approximately 1.5 kcal/mol.
A clinically identified R160Q variant of human sulfite oxidase
has also been recombinantly expressed and examined [183]. The
mutation results in a decrease in kcar from 16s~1 to 2.4s~1,and a
significant increase in Ky, from 17 wM to 1.7 mM; the overall effect
on Kcat/Km is three orders of magnitude. Although Ky, is not a proper
thermodynamic parameter (expressed in terms of microscopic rate
constants for any specific mechanism, it necessarily contains terms
from multiple steps of the catalytic sequence, including some from
the oxidative as well as the reductive half-reaction [184]), it is evi-
dent that substrate affinity is seriously compromised in the mutant
(consistent with the known position of Arg 160 in the substrate
binding site). Interestingly, as discussed further below, the pre-
dominant effect of the mutation is actually not on the reductive
half-reaction of the catalytic cycle but on the rate constant for elec-
tron transfer from the molybdenum center to the heme, prior to
electron transfer on to cytochrome c. It is worth noting that the
corresponding Arg 55 in the closely related sulfite dehydrogenase
from Starkeya novella has also been mutated to Met with compa-
rable results to those seen with the chicken enzyme: the effect on
the limiting rate constant for enzyme reduction at high [sulfite] is
modest, but K4 increases three orders of magnitude [185].

4.3. Intramolecular electron transfer in chicken and human
sulfite oxidase

Intramolecular electron transfer within the chicken and human
sulfite oxidases has been extensively studied by Enemark, Tollin
and co-workers over the past 10 years, using a deazariboflavin-
based photolytic method to rapidly introduce reducing equivalents
and follow subsequent intramolecular electron transfer spec-
trophotometrically [186]. Under most conditions, rate constants
for electron equilibration between the molybdenum and heme (in
the one-electron reduced enzyme) are on the order of 200051,
although at high pH and in the presence of anions such as sulfate
the rate constant fall to as low as 35 s~ 1. Given the known reduction
potentials for the Mo(VI/V) and heme (III/II) couples, the forward
and reverse rate constants can be deconvoluted [187], it being
determined that the rate constant for Mo — Fe electron transfer is
pH-independent at 700 s~! while that for Fe — Mo electron trans-
fer decreases approximately monotonically from 600s~! at pH 8.5
to 140s~1 at pH 7 [187]. Qualitatively consistent with the notion
that extensive heme domain motion is required for intramolecular
electron transfer, it is observed that increasing solvent viscosity
from 1.0 to 2.0cP reduces the rate constant for intramolecu-
lar electron equilibration by a factor of two [188], although the
small magnitude of the effect precludes a more quantitative treat-
ment. Similarly, electron transfer is compromised upon reducing
the length of the tether connecting the heme- and molybdenum-
containing portions of human sulfite oxidase [189]. Reducing the
length of the 14-aa tether sequence to nine residues reduces the
rate constant for electron equilibration from ~450s~1 at pH 7.0 to
65! (more modest deletions resulting in intermediate effects). A
pulsed electron-electron double resonance (ELDOR) study exam-
ining the Mo(V)-Fe(Ill) distance in Ti'l* citrate-reduced chicken
sulfite oxidase found (pumping the Mo(V) signal and observing the
Felll heme) no evidence of dipole modulation, suggesting that in the
frozen sample there is a broad distribution of Mo-Fe distances that
implies conformational flexibility [190].
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The effect of several point mutations on intramolecular electron
transfer has also been investigated, for the most part restricted
to studies with the human enzyme. Mutation of Tyr 343 to Phe,
discussed above with regard to the effect on catalysis, reduces
the observed rate constant for electron equilibration from 411 s-!
to 46s~! at pH 6.0, the effect being approximately the same for
electron transfer in both the forward and reverse direction (the
observed kinetics being consistently observed to be four- to five-
fold slower in the human relative to the chicken enzyme) [191]. The
effect of the mutation on electron transfer is likely to be an intrin-
sic one, and not an indirect one related to, e.g., product release.
Electron equilibration within the R160Q mutant discussed above
is affected to an even greater degree, being reduced by a factor
of almost 1000 from that seen in wild-type enzyme, from 411!
to 0.64s~1; electron transfer from molybdenum to heme in this
case is entirely rate-limiting for catalysis [192]. An R160K mutation
that preserves the positive charge at position 160 exhibits only a
four-fold reduction in the rate constant for electron equilibration,
a result taken to suggest that the positive charge at position 160
plays a role in orienting the heme domain appropriately for effec-
tive electron transfer [192]. Other mutations identified on the basis
of clinical manifestations of individuals with variants of sulfite oxi-
dase are G473D and A208D, both located near the substrate binding
site for the enzyme (Ala 208 is adjacent to Cys 207 that coordinates
the active site molybdenum in the human enzyme). Both muta-
tions decrease the rate constant for electron equilibration within
one-electron reduced enzyme by a factor in excess of 1000 (to
~0.2s~! for G473D and 0.1s~! for A208D), making intramolecu-
lar electron transfer again entirely rate-limiting to catalysis [193].
The fact that a G473A mutant exhibits only modestly slower elec-
tron transfer than wild-type suggests that the principal effect in the
G473D mutant is to the negative charge introduced by the muta-
tion, although it is unclear whether this is due to an electrostatically
compromised interaction with the heme domain, as thought to be
the case with the Arg 160 mutants, or to the fact that the G473D
mutant is simply conformationally compromised (as evidenced by
a significantly perturbed CD signature in the near-UV and by its
failure to dimerize).

In addition to the above studies directly probing electron trans-
fer within sulfite oxidase, the enzyme’s electrochemical properties
have been examined by protein film voltammetry. Chicken sulfite
oxidase immobilized on a pyrolytic graphite edge electrode yielded
a noncatalytic wave at +90 mV (vs. SHE) in a cyclic voltammogram,
and addition of 1 mM sulfite established a catalytic wave at the
same potential [194]. The shape of the waveform reflected a one-
electron process, despite the fact that oxidation of sulfite to sulfate
is a two-electron oxidation, and it was concluded that the behav-
ior reflected the catalytically limiting intramolecular transfer of
reducing equivalents from the molybdenum center to the heme
within the enzyme. Given that the amplitude of the catalytic wave
indicated only ~5% of the immobilized enzyme was engaged in
turnover, it was concluded that the enzyme was immobilized with
its heme domain proximal to the electrode surface with no direct
electrochemical contact between the molybdenum center and the
electrode, with only a small portion of the enzyme population was
considered to be in a configuration where the two redox-active cen-
ters of the enzyme were close enough for intramolecular electron
transfer to occur. More recently, sulfite oxidase and cytochrome
¢ have been coimmobilized in molecular layers onto a specially
treated electrode possessing a monolayer of cytochrome ¢ [195].
While a layer of enzyme appears to promote deposition of a second
layer of cytochrome c, this and subsequent layers of the cytochrome
appear to be insulated from the electrode-proximal monolayer.
Addition of sulfite results in a catalytic wave that can be observed
even at very rapid scan rates, indicating that the enzyme, once
reduced by sulfite, efficiently passes electrons on to cytochrome

c then on to the electrode. The catalytic current is dependent on
sulfite concentration below 2 mM, with an effective Ky, of approx-
imately 310 wM. Unfortunately, no estimation was made of the
proportion of immobilized enzyme molecules that were catalyti-
cally active.

4.4. The oxidative half-reaction

The reductive half-reaction of the catalytic cycle for the ver-
tebrate and plant sulfite oxidases is thought to proceed in
fundamentally the same way, as described above. The oxidative
half-reaction, on the other hand, is necessarily different since elec-
trons depart the vertebrate enzyme via its heme, which is absent
in the plant enzyme. With chicken sulfite oxidase, the reaction
of reduced enzyme with cytochrome c exhibits hyperbolic depen-
dence on [cyt c] throughout the pH range 6.0-10, with the limiting
rate of reaction varying from 130s~! at pH 6.0 to approximately
600s-! above pH 8, with an apparent pK; of 6.8 [181]. kox/Kq, on
the other hand, exhibits a bell-shaped pH dependence with pK,s of
8.0 and 8.2, and a maximum value of 8.0 x 107 M~1 s~1 at 8.0. Given
the likely complexity of the interaction between cytochrome c and
the heme domain of sulfite oxidase, no attempt was made to assign
these pK;s to specificamino acid residues (which could be on either
protein). It is known, however, that a group of lysine residues (in
particular Lys 13,27, 72 and 86) that ring the exposed surface heme
edge of cytochrome c is important in the interaction of cytochrome
c with sulfite oxidase [196]. An examination of the structure of the
chicken enzyme indicates that Tyr 62, Glu 67 and Glu 72 are all on
the face of the heme domain on which one edge (that possessing
the two heme propionate side chains) is exposed. These residues,
as well as the heme propionates themselves, are likely important
in the interaction with the positively charged face of cytochrome ¢
[187].

For plant sulfite oxidase, the enzyme was initially reported on
the basis of steady-state assays to react with O, directly, and that
H,0, was the product of the reaction [197]. More recently, it has
been demonstrated that H,0, is formed only indirectly, by the
spontaneous dismutation of O*~ which is the immediate prod-
uct of the reaction. The observed rate constant for the reaction
exhibits a linear dependence on [O,], with an apparent second-
order rate constant of 5.3 x 104 M~1s~1 at pH 8.0 [198]. With a rate
of reduction by sulfite that exceeds that accessible by stopped-flow
[163], the oxidative half-reaction is clearly rate-limiting for overall
turnover with the plant enzyme. Given the localization of plant
sulfite oxidase in the peroxisome, it is possible that superoxide
generated by it is involved in antimicrobial generation of reactive
oxygen species, although an appropriate source of sulfite to provide
the reducing equivalents necessary for generation of a superox-
ide burst upon infection has not been identified. The structural
basis of the oxygen-reactivity of the plant sulfite oxidase, which
is quite unusual for a molybdenum center, has not been elucidated,
although among the very few differences in the environments of
the molybdenum centers of sulfite oxidase family members, Tyr 49
in the plant sulfite oxidase is a Phe in chicken and human sulfite
oxidases (and also in nitrate reductase, see below). In addition to
a possible physiological role for plant sulfite oxidase in microbial
defense mechanisms, it has been shown that over expression of the
enzyme imparts resistance to air-borne SO, [199,200], and the pri-
mary role for the enzyme may well be detoxification rather than
biological defense.

4.5. Pulsed EPR studies of sulfite oxidase
The Mo(V) state of chicken sulfite oxidase has been extensively

studied, with three basic forms of EPR signal being designated
on the basis of the conditions under which they are generated.
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These are [171]: “low-pH”, “high-pH” and “phosphate-inhibited”.
The “low-pH” signal is distinguishable on the basis of strong hyper-
fine coupling to a solvent-exchangeable proton that is absent at
high pH. The A. thaliana enzyme differs from the chicken and human
enzymes in not forming a “phosphate-inhibited” EPR signal, and in
not showing evident proton coupling in the “low-pH” signal [165];
the basis for this latter observation is discussed further below. Over
the past 12 years, Enemark and coworkers have applied variable-
frequency pulsed EPR and ENDOR methods to probe the immediate
environment of the molybdenum of sulfite oxidase for protons
and other magnetically active nuclei. It has been demonstrated,
for example, that a solvent-exchangeable and strongly but very
anisotropically coupled proton is present in the “high-pH” species
of chicken sulfite oxidase, probably a Mo-OH/D group as assigned in
the “low-pH” signal [201,202]. The difference in the extent of cou-
pling is ascribed to differences in orientation of the bent Mo-O-H
moiety, with the proton situated in a node of the singly-occupied
dyy orbital at low pH, and rotated out of it at high pH. Interestingly,
and paradoxically, evidence was found for a second exchangeable
proton in the high-pH form only, ascribed to HO~ occupying in
the substrate binding site that hydrogen-bonded to the Mo-OH
group [201,202]. Both of the protons detected in the high-pH sig-
nal exhibited a range of coupling constants, suggesting a (limited)
distribution of configurations in the signal-giving species. By con-
trast, the strongly coupled proton in the low-pH species was more
conformationally constrained, possibly due to a hydrogen-bonding
interaction between the Mo-OH and the cysteine sulfur coordinat-
ing to the molybdenum [202]. A subsequent pulsed ENDOR and EPR
study of the low-pH signal has identified the non-exchangeable C
proton of the liganded Cys 185/207 in both chicken and human
sulfite oxidases, at a distance of 2.8 A [203]. This distance increased
to 3.3A in the high-pH signal, attributed to a modest change in
the torsional angle of the liganded cysteine itself relative to the
molybdenum ligand field.

It has been known for many years that a strongly coupled oxy-
gen from 170-labeled solvent exchanged into the molybdenum
center of sulfite oxidase in both the low-pH and high-pH forms,
and while initially ascribed to a terminal Mo=0 group [204], sub-
sequent resonance Raman work [205] has been interpreted as
indicating that this site is the equatorial Mo-OH rather than api-
cal Mo=0 in the signal-giving Mo(V) species. More recently, pulsed
EPR work has confirmed this more strongly coupled oxygen and
provided evidence for a second, more weakly coupled but still sol-
vent exchangeable, oxygen assigned to the apical Mo=O ligand in
the molybdenum center [206]. This interpretation runs counter to
the original resonance Raman study with the chicken enzyme, how-
ever, which concluded on the basis of the magnitude of the isotope
shift on incorporation of 80 into the molybdenum center that only
asingle site had become labeled [205]. More recently, the resonance
Raman of the A. thaliana sulfite oxidase has been examined, taking
advantage of the absence of a heme site in the protein [165]. In the
800-1000 cm~! region where Mo=O stretches are to be expected,
three strong lines are observed at 896, 877 and 864cm~! using
488-nm excitation. The 896 and 864 cm~! modes were, by analogy
to comparable modes seen at 903 and 881 cm~! with the chicken
enzyme, to symmetric and antisymmetric stretching modes of the
Mo0, unit of the molybdenum center, and the 877cm~! band to a
vibrational mode having mixed enedithiolate and pyran ring char-
acter. The improved signal-to-noise obtained with the plant protein
made it possible to establish an approximately two-fold greater
intensity of the symmetric vibrational mode relative to the anti-
symmetric mode, a fact that necessarily reflects the redox-active
orbital arising from an antibonding interaction between the Mo dyy
and an O p orbital of the equatorial Mo=O0, specifically [165]. After
redox-cycling in H,'80 to incorporate label into the active site, the
896 and 864 cm~! modes shifted to 854 and 825cm~!; a band at

910cm~! was also clearly resolved, evident in the 160 sample as a
shoulder on the 896 cm~! mode, as was a second band at 883 cm™1.
Unfortunately, it was not possible to distinguish whether one or
both of the Mo=0 oxygens were exchanged in the experimental
protocol used. If only the equatorial oxygen is labeled, then the
825 cm~! mode would represent the isotope-sensitive Ueq mode,
with a shift of 39cm~! from the v, at 864cm™! that is near the
44 cm~! expected for a simple harmonic oscillator. This analysis
explicitly takes into account the fact that substitution of only one
of the oxygens in the MoO, unit breaks the symmetry of the center,
making it necessary to consider equatorial and apical vibrational
modes explicitly, rather than symmetric and antisymmetric modes.
Alternatively, in the case where both oxygens become labeled, vs
and v,s modes are again applicable, and it is possible to assign these
to the observed bands at 854 and 825cm™!, respectively (each
shifted by approximately a factor of approximately 0.95 - deter-
mined from small-molecule work - from the vs =896 and v, = 864
modes seen in unlabeled enzyme). It is thus possible to interpret
the Raman data using either singly- or doubly-labeled models and
it is at present not possible to distinguish unambiguously whether
the apical oxo group is in fact solvent-exchangeable.

Less controversially, a pulsed EPR study using 33S-labeled sul-
fite to generate the low-pH species of the A. thaliana sulfite oxidase
has provided clear evidence for sulfate coordinated to molybde-
num, with an extremely strong 33S amplitude in the two-pulse
ESEEM trace. The signal-giving species generated under the exper-
imental conditions used (reduction by sulfite followed with partial
reoxidation by ferricyanide) also lacks the strongly coupled proton
typically seenin the “low-pH” EPR signal [206] (which had also been
seen previously under at least certain conditions with the chicken
enzyme [4,207]), and has been interpreted as a LMoY0(0-SO3~)(S-
Cys) center with product sulfate coordinated to the molybdenum.
The g-values for this species in which product is “blocked” from dis-
sociation are g1 33 =2.005, 1.974, 1.963, virtually indistinguishable
from the parameters for the ordinary “low-pH” spectrum (gen-
erated by reduction of enzyme with Til* citrate), g;3=2.006,
1.975, 1.968. This is precisely the intermediate expected for a reac-
tion mechanism proceeding via lone-pair attack on the equatorial
Mo=0 of the oxidized enzyme. Interestingly, a Y343F mutant in
human sulfite oxidase also predisposes this “blocked” low-pH EPR
signal (and also results in an increase in the pK; associated with the
low-pH/high-pH interconversion) [208].

Chloride is a well-established inhibitor of the vertebrate sulfite
oxidases, and is known to influence the pH-dependent intercon-
version of the low-pH and high-pH forms of the Mo(V) state in a
way that suggests it binds to the former but not the latter [209].
On the basis of a comparison of the low-pH continuous-wave EPR
spectra obtained in the presence of Na3°Cl and Na37Cl (both hav-
ing I=3/2, but 35Cl has a ~20% larger nuclear magneton), distinct
hyperfine coupling was detected that was interpreted as evidence
for direct coordination of chloride to molybdenum at the vacant lig-
and position trans to the apical Mo=0 group [210]. A second study
utilizing pulsed EPR in conjunction with density functional calcu-
lations, however, has concluded that the observed magnitude of
both the hyperfine and nuclear quadrupole interaction parameters
for 3>Cl strongly support a structure for the signal-giving species in
which chloride is not directly coordinated to the molybdenum but
rather bound in the substrate binding site and hydrogen-bonding
to the Mo-OH [211]. The latter interpretation is consistent with
the subsequently determined X-ray crystal structure of the recom-
binant chicken enzyme, showing chloride in the substrate binding
site [59d]. Very recently, the effect of chloride on the “low-pH” EPR
signal of both human and A. thaliana sulfite oxidases, as well as a
closely related sulfite dehydrogenase from the bacterium S. novella,
has demonstrated that depletion of chloride results in accumula-
tion of the “blocked” form of the low-pH signal that lacks strong
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Fig. 14. The active sites of chicken (left) and A. thaliana (right) sulfite oxidases. The perspective is looking into the active site from the solvent access channel, with the apical
Mo=0 of the molybdenum center oriented vertically. The distinctly different orientations of Arg 460/374 in the two structures are to be noted.

proton hyperfine coupling and has sulfate trapped on the molyb-
denum [212]. In the human enzyme, the “blocked” form exhibits
rather different g-values (g1,3=1.999, 1.972, and 1.963) than the
ordinary “low-pH” form (g7 » 3 =2.004, 1.973, and 1.966). It has been
concluded that chloride promotes hydrolysis of the Mo-0-SO3~
bond and appearance of the characteristic proton doublet of the
unblocked low-pH signal (although only incompletely in the case
of the plant enzyme). The R160Q mutant of the human protein
remains locked in the “blocked” configuration even in the presence
of 100mM chloride, indicating that in addition to its dramati-
cally attenuated intramolecular electron transfer rate (above) the
mutant is also compromised in completing the chemistry of the
reductive half-reaction [213]. Given the structural work with the
wild-type and R138Q chicken enzyme [167], it is evident that the
“blocked” and “unblocked” forms of the enzyme differ predomi-
nantly in the position of Arg 450, with this residue facing into or
away from the substrate binding sites, respectively. The observed
binding of chloride in the substrate binding pocket provides an
obvious basis by which the anion might influence the equilibrium
position of Arg450. Still, it must be borne in mind that the A. thaliana
enzyme, crystallized with the corresponding Arg 374 in an “open”
or “unblocked” position is very predisposed to the “blocked” form
on the basis of the ease with which a “low-pH” EPR signal lacking
proton hyperfine is observed.

5. Nitrate reductase
5.1. Introduction to structure

Assimilatory nitrate reductase catalyzes the first (and rate-
limiting) step in the uptake of nitrate by fungi, algae and
higher plants [214-216]. The enzyme is a member of the sulfite
oxidase family of molybdenum enzymes and has the same square-
pyramidal LMo"!0,(S-Cys) molybdenum center in the oxidized
enzyme. Pyridine nucleotides are the source of reducing equiva-
lents for catalysis by all nitrate reductases: the enzyme from higher
plants utilizes NADH, while that from fungal sources is specific for
NADPH. The algal enzymes are typically specific for NADH, although
some non-specific enzymes able to utilize either NADH or NADPH
have been described [214].

Nitrate reductase from A. thaliana and other higher plants is
a homodimer of 2 x 110kDa. Each subunit consists of a large N-
terminal portion (~59 kDa) that possesses the molybdenum center,
a small central domain possessing a b-type cytochrome (14 kDa),
and a C-terminal domain containing FAD and the NADH binding
site (24kDa) [217]. In the course of turnover, NADH introduces
reducing equivalents into the enzyme at its FAD site and these are
subsequently transferred via the heme to the molybdenum cen-

ter, where nitrate is reduced [214-216]. The molybdenum- and
heme-containing domains have significant sequence and structural
homology to the cognate portions of the eukaryotic sulfite oxidases
and cytochrome bs, respectively, and the flavin-binding portion to
members of the large ferredoxin:NADP* reductase family of flavo-
proteins [6].

The structure of holo nitrate reductase remains unknown, but
crystal structures for the molybdenum domain from the Pichia
angusta enzyme [218], for bovine cytochrome bs [219,220] and
the flavin domain from Zea mays nitrate reductase [221] have all
been reported (Fig. 15). The molybdenum domain from P. angusta
bears a striking resemblance to the corresponding portion of that
of both the chicken [161] and A. thaliana [162] sulfite oxidases,
with molybdenum-binding and dimerization subdomains. As with
the sulfite oxidases, the equatorial Mo=0 of the oxidized molyb-
denum coordination sphere faces into the solvent access channel
to the active site. The substrate binding site (Fig. 16) consists of
two arginine residues, Arg 89 and 144, as well as Trp 158, all three
of which are structurally conserved with the sulfite oxidases. The
substrate binding site also includes Met 427 (a Val in the sul-
fite oxidases), Asn 272 (a Tyr in the sulfite oxidases) and Thr 425
(an Arg in the sulfite oxidases) that impart substrate specificity.
The orientation of the molybdenum, heme and flavin domains
with respect to one another in the holoenzyme is at present
unknown.

5.2. Kinetic behavior

The basic chemistry of nitrate reduction is believed to be
straightforward, and functionally the reverse of the oxygen atom
transfer seen with sulfite oxidase, with nitrate serving as oxygen
atom donor and the reduced molybdenum center functioning as
the oxygen atom acceptor:

0=NO;~ + LMoV O(OH)(S-Cys) — : NO,~ +LMo"'0,(S-Cys) + HO~

Reduction of the LMoY!0,(S-Cys) core of the active site yields
LMo!VO(OH)(S-Cys), consistent with X-ray absorption studies of
the enzyme [222,223]. With each catalytic cycle, the equatorial
Mo=0 (after reduction, protonation and displacement by nitrate) is
thought to be lost to solvent, and is subsequently regenerated with
oxygen derived from substrate in the oxygen atom transfer event.
The basis for the nitrate-utilizing enzyme being a reductase and
the sulfite-utilizing enzyme an oxidase has been accounted for on
thermodynamic grounds and the relative stabilities of N=0, S=0
and Mo=0 bonds [224]. As in the case of sulfite oxidase, unfor-
tunately, there is to date no direct experimental evidence for an
oxygen atom transfer mechanism as envisaged by this mechanism.
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Fig. 15. Structures of the three domains of nitrate reductase. Shown are ribbon representations of the polypeptide backbone with the protein surface rendered in mesh.
Cofactors are rendered in CPK coloring and metal centers rendered as spheres. Left, the molybdenum domain from Pichia angusta, looking down the solvent access channel
to the Mo center (Cys 139, coordinating the molybdenum, lies to the right of the metal). As shown, the dimerization subdomain for the a; holoenzyme lies to the right of the
molybdenum-binding subdomain. Right (top), the heme domain of rat cytochrome bs. Right (bottom), the flavin domain from corn, with the NADH binding cleft at top, above

the FAD cofactor.

The steady-state kinetics of several plant nitrate reductases have
been summarized previously [94-96]. The specific steady-state
kinetic parameters for the A. thaliana enzyme are kcac=210s"1;
Khitrate — 90 uM; and KNePH = 0.8 M at pH 7.0, 30°C [225]. More
detailed rapid reaction kinetic analysis of the enzyme’s behavior
has been limited by the low availability of the enzyme, although
in the past decade progress has been made in the development of
suitable expression systems of individual domains of nitrate reduc-
tase and, most recently, the holoenzyme. The reaction of the flavin
fragment of corn nitrate reductase, and also a mutant in which
the highly conserved Cys 242 is replaced with a serine residue

Asn 272

Arg 89

Phe 87

(€242S), with NADH has been examined [226]. For both wild-type
and mutant protein, the observed rate constant for the reaction
exhibits a hyperbolic dependence on [NADH] - the limiting rate
constant for reduction at high [NADH] for the C242S mutant is
some seven-fold slower than that for the wild-type protein (68 s~!
as compared with 478s71) and K}*PH is larger by a factor of 2
(6 M vs. 3 wM). It is evident that Cys 242 plays a modest role in
facilitating electron transfer from NADH to the flavin and only a
minimal role in binding of NADH to the enzyme, its mutation to
Ser reducing keq/K}*P" by a factor of just over 10 [226]. Interest-
ingly, the product of the reaction is not free reduced protein but

Met 427

Thr 425
Arg 144

Trp 158

Fig. 16. The active site of Pichia angusta nitrate reductase. The perspective is the same as shown in Fig. 14 for the structures of the chicken and A. thaliana sulfite oxidases,

for purposes of comparison.
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rather an FADH,*NAD™" charge-transfer complex that has a char-
acteristic long-wavelength absorption with a maximum at 800 nm
(e=2.7mM~1cm~1)[226].

The reaction of a combined flavin-heme fragment of nitrate
reductase from spinach with NADH has also been examined [227].
Thereaction is multiphasic, with a fast phase whose spectral change
indicates formation of the same FADH,°*NAD* complex as seen
with the flavin fragment alone. kg, again exhibits a hyperbolic
dependence on [NADH] with a k.q of 56051 and a K4 of 3 M, in
good agreement with the results using the (corn) flavin fragment
alone (478s~! and 3 M, respectively). Surprisingly, the subse-
quentinternal electron transfer from FADH; to heme was very slow,
12s~1, and appeared to be rate-limited by dissociation of NAD*
from the E..4*NAD* charge-transfer complex. The slowest phase of
the reaction was attributed to an intermolecular disproportiona-
tion of the two-electron reduced protein formed after reaction with
afirst equivalent of NADH reacts to yield one equivalent each of the
one- and three-electron reduced form (the former then reacting
with a second equivalent of NADH to give further reduction).

The rapid reaction kinetics of holo nitrate reductase from A.
thaliana has also been examined [228] (a preliminary report of this
work had also appeared [229]). The kinetics of enzyme reduction
by NADH largely confirmed the above results with the flavin-heme
fragment, with a fast phase of ~700s~! observed at 70 wuM NADH
that corresponded to reduction of FADH,, and a subsequent slower
phase at 28 s~ corresponding to electron transfer on to the heme.
No evidence was found for formation of an FADH,*NAD* charge-
transfer complex, however, and its role in catalysis has not been
confirmed. A significant amount of heme reduction was observed
in the fast phase of the reaction, however, and again no evidence of
a charge-transfer complex at the flavin site was observed. Together
the two results are at least internally consistent, in that electron
transfer from the flavin on to the heme would be expected to be
fast absent a charge-transfer complex to retard oxidation of the
flavin, but it is surprising that the complex would be so readily
observed in the case of the corn [226] or spinach [227] proteins
and not form at all in the A. thaliana protein. Somewhat sur-
prisingly, the kinetics of the reoxidation of pre-reduced nitrate
reductase with nitrate were not examined in this study, perhaps
owing to the inevitable complications due to the fact that only
~20% of the protein possessed a molybdenum center. A series of
enzyme-monitored turnover experiments were performed, how-
ever, in which enzyme at a concentration of, for example, 2 uM
enzyme pre-reduced with 40 WM NADH was reacted with 90 uM
nitrate. The kinetics for the approach to steady-state, as followed
by the absorbance changes at 460 nm (following changes in the
oxidation state of the FAD) and 557 nm (following changes in the
oxidation state of the heme), were biphasic with apparent rate con-
stants of 260-270s~! and 6-8s~1, respectively. The steady-state
persisted for over 1.0s, with the FAD held at 84% reduced and
the heme 42% (presumably reflecting the distribution of reducing
equivalents in the partially reduced enzyme in the steady-state). At
the end of the steady-state, with the NADH presumably depleted
and 50 wM nitrate remaining in solution, the enzyme slowly reox-
idized with an apparent rate constant of 0.5s~!. This last value
is unfortunately too slow to support turnover, and the possibil-
ity exists that most of the observed kinetics the large proportion of
enzyme lacking a molybdenum center (which, despite being readily
reducible by NADH, could not be reoxidized by nitrate) was slowly
passing reducing equivalents to the small population of enzyme
that was functional and could react with nitrate. The implication
is that the magnitude of the absorbance changes seen in the initial
approach to steady-state meant that the functional enzyme had
become essentially completely reoxidized, which would require
that the reoxidation of enzyme with nitrate was considerably faster
that its rate of reduction by NADH.

5.3. Post-translational regulation

The activity of assimilatory nitrate reductases is under tight con-
trol, and includes regulation at the transcriptional, translational and
post-translational levels [214-216]. The last plays an important
role in lowering nitrate reductase activity at night, when photo-
synthetically generated reducing equivalents are not available to
reduce nitrite on to ammonia, as nocturnal nitrite levels in the plant
tissues would otherwise increase to dangerous levels [230]. This
post-translational regulation of nitrate reductase involves phos-
phorylation at a serine residue in the linker region between the
molybdenum and heme domains [231]; the modified residue has
been identified as Ser 543 in the spinach protein [232] (equiv-
alent to Ser 534 of the A. thaliana enzyme). Phosphorylation is
carried out by any one of several specific protein kinases (including
AMP-activated protein kinase [98] and calcium-dependent pro-
tein kinase, CDPK [233]). Phosphorylation does not directly inhibit
activity, but rather creates a recognition site that recruits a specific
regulatory element, a member of the 14-3-3 family of proteins,
whose binding (in the presence of MgZ*, which is required for
inhibition) effectively shuts down activity [234]. Of the twelve iso-
forms of 14-3-3 protein that have been identified in A. thaliana, the
isoform has proven to be particularly effective in binding to and
inhibiting the phosphorylated form of nitrate reductase [235].

Most recently, the steady-state kinetic properties of A.
thaliana nitrate reductase in as-isolated, phosphorylated and
phosphorylated-(14-3-3)w complexed forms have been investi-
gated [236]. Of the several calcium-dependent protein kinases
encoded by the A. thaliana genome, CPK-17 efficiently phospho-
rylated nitrate reductase at Ser 534 in vitro (other secondary sites
were also identified, although these were only ineffectively phos-
phorylated by CPK-17). Similarly, of the several 14-3-3 proteins
in A. thaliana, the w and A\ isoforms bound phosphorylated nitrate
reductase with highest affinity K;=60 and 80nM, respectively).
In NADH-nitrate assays, the as-isolated enzyme exhibited a kcat
of 20s~1, Knitrate of 197 WM and KNaPH of 18 M, phosphorylated
enzyme exhibited a somewhat higher k5 and I(r‘]},itmte of33s~1and
~200 M, respectively, while the phosphorylated enzyme com-
plexed with 14-3-3w gave a substantially reduced kcat of 1.8s~!
and KRitrate of 141 WM. An S534A mutant of the nitrate reductase
was not inhibited by 14-3-3w, underscoring the importance of the
phosphorylated site in formation of the inhibitory complex. Sig-
nificantly, phosphorylation and 14-3-3w binding had no effect on
turnover with NADH and cytochrome c as substrate. Cytochrome
c accepts reducing equivalents from nitrate reductase at the heme
site of the latter, and the kinetic results indicate that neither the
reductive half-reaction nor electron transfer from the flavin to the
heme are affected by 14-3-3w binding. Similarly, 14-3-3w bind-
ing did not influence K; for product nitrite, and it was concluded
that substrate binding similarly would be unaffected (as suggested
by the only modest changes in KRMitrate seen in the steady-state
assays). It has been concluded that the most likely basis for 14-3-
3w inhibition of the phosphorylated nitrate reductase is either the
reduction of nitrate at the reduced molybdenum center or (more
likely) reduction in the rate of electron transfer from the heme to
the molybdenum in the enzyme.

6. Mitochondrial amidoxime reducing component
6.1. Substrates and distribution

The third and final component of an NADH-utilizing system
capable of reducing a wide range of hydroxylated amine sub-

strates has recently been found to be a molybdenum-containing
enzyme [7,8]. As the name suggests, mitochondrial amidoxime
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reducing component (mARC) proteins are localized in or are
associated with mitochondria, where they catalyze the reduction
of diverse N-hydroxylated substrates such as amidoximes, N-
hydroxy-sulfonamides and N-hydroxy-guanidines, many of which
are utilized as prodrugs for therapeutic purposes (having greater
membrane permeability than the readily protonated amine groups
themselves)[7,8,237]. While the true physiological substrate(s) are
as yet unknown, a few of the tested N-hydroxylated compounds
are likely to be of physiological relevance. The N-hydroxylated
base analogue N-hydroxy-cytosine is reduced to cytosine with
high efficiency by human mARC proteins, providing a mechanism
for detoxification of these base analogs which otherwise would
be mis-incorporated into DNA and cause accumulation of muta-
tions [237]. Such a detoxification function has been demonstrated
for the bacterial MOSC domain proteins YcbX and YiiM, which
afford resistance to 6-N-hydroxylaminopurine [238]. Mutagenesis
of the ycbX and yiiM genes rendered the bacteria sensitive to 6-N-
hydroxylaminopurine, with rapid accumulation of mutations and
cell death.

The ability of human mARC proteins to reduce the nitric oxide
precursor N*-hydroxy-L-arginine [239] suggests another physi-
ological role of mARC proteins. Nitric oxide is a physiological
mediator with diverse functions in, e.g.,, maintenance of vascu-
lar homeostasis, neuronal signaling and inhibition of tumor cell
growth. However, overproduction of nitric oxide can lead to cel-
lular damage and a number of serious conditions. Tight control of
nitric oxide by nitric oxide synthases, which catalyze the oxidation
of L-arginine to L-citrulline and nitric oxide via the intermediate N*-
hydroxy-L-arginine, is therefore crucial for the cell. In this respect,
mARC proteins may have an important function in the regulation
of intracellular nitric oxide levels by controlled elimination of the
nitric oxide precursor N*-hydroxy-L-arginine.

All annotated genomes of eukaryotes that require molybdenum
appear to possess two copies of mARC genes, with both copies
showing strong similarities on nucleotide and amino acid levels.
Nevertheless, according to certain conserved motives, mARC-1 and
mARC-2 proteins can clearly be discriminated, suggesting that each
protein has a specific function. Indeed, different substrate prefer-
ences have been shown for the two human isoforms [7,239,240]
and in different mouse tissues such as kidney and liver the mARC
isoform 2 was highly abundant whereas the isoform 1 could hardly
be detected [237]. Consistent with this, during several attempts to
isolate mARC proteins from the outer membrane of pig liver mito-
chondria [7] and membrane fractions of A. thaliana mitochondria
yield isoform 2 exclusively [Wahl, Mendel, Bittner, unpublished
data]. Still, not even the sub-cellular localization of mARC pro-
teins is fully defined, since in addition to the outer mitochondrial
membrane, mammalian mARC proteins have also been found in
the inner mitochondrial membrane [241] as well as in peroxisomal
membranes [242].

6.2. The molybdenum centers of eukaryotic mARC enzymes

Based on sequence similarity, mARC proteins are related to the
molybdenum cofactor sulfurases C-terminal (MOSC) domains of
ABA3 and related sulfurase systems, their main structural features
being a [3-barrel-like structure N-terminal to the MOSC domain
itself, and a strictly conserved cysteine residue (Cys 273 and Cys
272 in human mARC proteins) at the extreme C-terminal end [243].
The 3-barrel-like structure is predicted to have specific roles in the
interaction with the substrates of MOSC domain proteins, while
the conserved cysteine residue accepts sulfur from the sulfur-
generating systems such as cysteine desulfurases prior to transfer
on other proteins for yet unknown scopes. Since the molybdenum
cofactor sulfurases involved in formation of a Mo=S center for xan-
thine oxidase family enzymes consist a sulfur-generating cysteine

desulfurase domain as well as a MOSC domain, MOSC domain pro-
teins including mARC and bacterial YiiM-like proteins are generally
thought to be involved in metal-sulfur cluster biogenesis [243],
although this has yet to be determined experimentally.

mARC proteins represent the simplest eukaryotic molybdenum
enzymes in that they consist of only a single distinct MOSC domain
and bind only one prosthetic group, the molybdenum cofactor.
Moreover, with a average molecular weight of 35 kDa mARCs are
even smaller than that of plant sulfite oxidase and, in contrast to all
other known eukaryotic molybdenum enzymes, which are dimers,
mARC proteins are monomeric [237]. Our current knowledge on
mARC proteins suggests that they are not active as stand-alone
proteins, but rather act in concert with other redox-active proteins,
specifically cytochrome bs and the FAD-binding NADH:cytochrome
bs reductase [7,8,237,240]. The complement of redox-active cen-
ters in this three-protein complex resembles that seen in nitrate
reductase (see Section 5), with the same direction of electron
transfer through the system: NADH to FAD to cytochrome bs to
molybdenum. It remains to be seen whether deeper structural
homologies exist.

Another important aspect concerns the structure of the
molybdenum center in eukaryotic mARC proteins and proba-
bly all proteins of the MOSC domain superfamily. In contrast
to the LMoV'OS(OH) and LMo"'0,(S-Cys) molybdenum centers
of xanthine oxidoreductase and sulfite oxidase family enzymes,
respectively (see Sections 2 and 4), the molybdenum centers of
human mARC proteins neither coordinate an equatorial sulfido lig-
and nor a cysteine sulfur [237]. This has been demonstrated on
the one hand by cyanide treatment which neither released sulfur
in the form of thiocyanate nor significantly affected the activities
of the human mARC proteins. Consistent with this, co-incubation
of apo-mARC proteins with a cofactor-loaded molybdenum cofac-
tor carrier protein that binds the cofactor in a LMoO,(OH) form
reconstituted the activity of the mARC proteins. Both experiments
confirmed that human mARC proteins do not require a sulfurated
cofactor as present in xanthine oxidase family enzymes. On the
other hand, partially reduced human mARC proteins developed
EPR signals characteristic of the Mo(V) (d!) state. The signals of the
two investigated mARC isoforms were very similar, with rhombic
symmetry, gav~1.975 and approximately isotropic superhyper-
fine coupling to a single exchangeable proton. Both spectra closely
resembled the so-called “low pH” EPR signal seen with sulfite oxi-
dase and, in particular, nitrate reductase. However, mutation of
each of the 10 cysteine residues in human mARC proteins did not
perturb the EPR spectra to any significant degree nor was the activ-
ity of the mutated enzymes affected. Thus, the (human) mARC
proteins cannot be regarded as members of the sulfite oxidase fam-
ily as they do not provide a cysteine sulfur to the molybdenum
center. There are two likely possibilities for the Mo coordination
sphere of mARC proteins. The first is a trioxo species LMoY!03
that protonates upon reduction to LMoO,(OH). The second is an
LMoO, X species, with X being either an as yet unknown inorganic
or, alternatively a protein-derived ligand other than cysteine. In
either case, the coordination of the molybdenum in the cofactor of
mARC proteins differs fundamentally from that seen in enzymes
of the sulfite oxidase and xanthine oxidase families and thus likely
represent a new family of molybdenum enzymes distinct from the
well-known sulfite oxidase and xanthine oxidase families.

7. Concluding remarks

It is evident from the above that over the past 10-15 years
our progress in understanding molybdenum-containing enzymes
from eukaryotes has been striking. At the same time, one can
expect much progress in the immediate future. The specific cat-
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alytic roles of amino acid residues in the active site of xanthine
oxidoreductase will be clarified, and increasingly effective ther-
apeutic agents targeting the enzyme will be developed, possibly
including some with efficacy in the treatment of conditions such
as ALS, Parkinson’s Disease and Alzheimer’s. There will also be
advances in our understanding of the physiological role(s) of alde-
hyde oxidase and its homologs in both plants and mammals, as well
as the possible involvement of these enzymes in the generation
of reactive oxygen species under a variety of pathophysiological
conditions. The workings of sulfite-oxidizing enzymes (in prokary-
otes as well as eukaryotes) will be better elucidated, including
for example a better understanding of the structural basis for
the reactivity of the molybdenum center of the plant sulfite oxi-
dase toward O, and the detailed manner in which the physical
structure of the molybdenum center determines its electronic
structure (and therefore reactivity). We can also expect that the
kinetic behavior of nitrate reductase from higher plants will be
increasingly well understood, and the basis for its diurnal reg-
ulation established. Site-directed mutagenesis studies of active
site amino acid can be expected to establish the basis for sub-
strate specificity in the sulfite oxidases and nitrate reductases,
and possibly generate new forms with altered reactivity. Fur-
ther characterization of the mARC proteins can be expected to
clarify the relationship of these and related proteins to the estab-
lished families of molybdenum-containing enzymes and determine
whether these constitute a previously unrecognized family of these
enzymes, and also what their physiological roles are in the cell.
Finally, genomics and proteomics approaches hold out the promise
that new molybdenum-containing enzymes, even new families of
enzymes, will be identified.

Note added in proof

After the original submission of this article, two crystal struc-
tures of urate bound to XDH have been reported [244]. These
authors determined the structures of the urate complexes of the
demolybdo-form of the D428A mutant of rat XOR at 1.7 A and of
reduced bovine milk XOR at 2.1 A resolutions, respectively. The lat-
ter structure was obtained with a crystal grown from the active
bovine XDH form which had been soaked with a large excess of
NADH under strictly anaerobic conditions in order to reduce other
cofactors and to block any electron transfer from the Mo center. The
molybdenum center was then reduced by soaking in 4 mM tita-
nium citrate solution and urate added to give a concentration of
250 wM. In the electron density map, the urate molecule locates
near the molybdenum and rather high electron density connects
the two, suggesting a covalent linkage between molybdenum and
urate via a bridging oxygen from urate. The bridging electron den-
sity is bent, spanning a total of 3.5 A and connects to the C8 atom
of urate. Placing the oxygen atom at the apex of the bent electron
density leads to Mo-0 and C8-O distances of 2.2 Aand 1.4 A, respec-
tively. The urate binding mode seen in both these new structures is
inverted relative to the xanthine binding mode seen with desulfo
enzyme (67), with a presumably protonated Glu 1261 forming a
3.0 A long hydrogen bond to N9 of urate And Glu 802 equidistant
(2.6 A) from both N7 and 0=C6 of urate. In addition, three water
molecules are found within hydrogen bonding distance to urate,
with one located near N3 and N9 of urate. The orientation of urate
is very similar to that seen the demolybdo-form of rat XOR D428A
(above). Superimposing the two structures reveals that all amino
acid residues interacting with urate, including the two glutamic
acids, arginine and two phenylalanines, differ in position by less
than 0.4 A. The atoms of urate itself, however, are not completely
overlapping: the C-8 keto oxygen of urate in to demolybdostructure
is in the plane of the imidazole subnucleus, implying sp? hybridiza-

tion of C8, whereas it distinctly out-of-plane in the active site of the
completely reduced XOR, implying sp3 hybridization of C8. How-
ever, as the position of the C-8 carbon-atom is the same in both
cases, these authors argue that the binding mode of urate to the rat
demolybdo-XOR D428A resolved at high resolution (1.7 A) mimics
that of the reaction intermediate of the hydroxylation reaction of
xanthine in accordance with the binding mode shown in Fig. 8.
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